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Abstract 
 
Building the Mitotic Spindle: 
Spatial Regulation and Function of Force at Microtubule Minus-Ends 
Christina L. Hueschen 
 
Each time a cell divides, the microtubule cytoskeleton self-organizes into the metaphase 
spindle: an ellipsoidal steady-state structure that holds its stereotyped shape despite microtubule 
turnover and internal stresses. This ellipsoidal architecture, in which microtubule minus-ends are 
focused into two poles, is essential to the spindle’s function of accurately segregating 
chromosomes. In this work, I ask how the spindle forms and holds its steady-state shape. I report 
that the molecular motor dynein and the microtubule binding-protein NuMA are essential for 
mammalian spindles to reach and hold a steady-state geometry. In their absence, the kinesin-5 
Eg5 powers a turbulent microtubule network that can drive flow of cytoplasmic organelles and 
whole-cell movement. Dynein and NuMA were previously known to be essential for spindle pole 
formation, but we did not know their contribution to shape stabilization at the whole-spindle 
scale – nor did we know how and where they pull on microtubules to build poles. Using 
quantitative live imaging and laser ablation, I show that dynein pulls specifically on microtubule 
minus-ends, rapidly transporting them towards poles. Dynein localization to microtubule minus-
ends depends on NuMA, which recruits the dynein adaptor dynactin to minus-ends. Contrary to 
previous models, NuMA localization to minus-ends is independent of dynein and involves a C-
terminal region outside its canonical microtubule-binding domain. Thus, NuMA serves as a 
mitosis-specific minus-end cargo adaptor, targeting dynein activity to minus-ends to cluster 
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spindle microtubules into poles. This microtubule end-clustering compacts the spindle 
microtubule network to a defined geometry and suppresses network turbulence, maintaining a 
steady-state spindle shape over long timescales.  
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Chapter 1: Building the mitotic spindle 
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I. How are biological structures built? 
The shapes of biological structures, both macroscopic and microscopic, are closely tied to 
their functions.  Our legs are long and jointed, allowing us to stride forward; the polypeptide 
chains of linear stepper molecular motors are stiff and mechanically coupled to energy 
consumption, allowing them to walk in one preferred direction.  Our intestines are skinny 
textured tubes, enabling maximal nutrient absorption; inside our cells, the endoplasmic reticulum 
is a labyrinth of tubules, enabling ubiquitous lipid and protein production.  The shapes of these 
structures allow them to perform complex actions at all scales – from digesting 8-cm globs of 
peanut butter to coupling ATP hydrolysis to 8-nm motor steps.  How are these structures 
assembled?  How is shape information encoded and inherited? 
The emergence of many structured molecular complexes can be understood within a 
framework termed self-assembly. In self-assembly, an ordered state forms as a system reaches 
equilibrium, minimizing its free energy. For example, a functional structured protein self-
assembles from amino acids as those amino acids interact and fold into an equilibrium 
configuration1. A virus particle self-assembles from its constituent proteins and nucleic acids into 
a highly-ordered structure of defined size, which represents a minimized energy state2,3.   
For many other macromolecular structures and for biological structures of larger scale 
(cytoskeletal assemblies, organelles, cells, tissues, and organisms), the emergence of structure and 
shape is less deterministic.  These living systems are built of components that themselves burn 
chemical energy to produce forces and motion, pushing the system far from thermodynamic 
equilibrium.  As Schrödinger wrote in his classic book What Is Life?4: "It is by avoiding the rapid 
decay into the inert state of 'equilibrium' that an organism appears so enigmatic... What an 
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organism feeds upon is negative entropy."  To use contemporary language: biological structures 
are "active" materials, comprised of dynamic and self-driven elements that inject energy at the 
micro-scale5,6.  These biological structures emerge through an extension of self-assembly termed 
self-organization.   
Self-organizing systems reach and hold a characteristic shape and structure at a non-
equilibrium steady-state, at which there is dynamic turnover of material and continuous energy 
dissipation7,8. Conceptually, this steady-state is the spatial configuration that minimizes energy 
dissipation – at least if the system is not so far from thermodynamic equilibrium7,9.  Self-
organized biological systems are as diverse in scale and in form as kilometer-long shoals of 
herring10, the centimeter-wide looping vertebrate gut tube11, and the micron-scale nucleolus 
within a eukaryotic cell nucleus12.   
At the cellular scale, the spindle is a stunning example of biological self-organization.  
The spindle is the dynamic cytoskeletal structure – comprised of microtubules, molecular motors, 
and other microtubule-associated proteins – that coordinates cell division.  The spindle’s physical 
organization has fascinated biologists, physicists, and natural philosophers since its first 
descriptions by Fol, van Beneden, Bütschli, Strasburger, Walther Flemming, and others in the 
1870s and 1880s13-16. 
 
II. The spindle: a system for studying molecular-scale self-organization 
The mammalian mitotic spindle is a ~10-30 µm macromolecular assembly, comprised of 
hundreds of proteins17-19. A bipolar array of dynamic microtubules forms the spindle’s structural 
scaffold.  The organization of these microtubules is modulated by microtubule-associated proteins 
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(MAPs) and molecular motors. The spindle has a critical job: each time a cell divides, the spindle 
must carefully align all chromosomes and precisely segregate them into two equal daughter cells.  
Accurate segregation of genetic material is fundamental to development and growth, and 
segregation errors result in aneuploidy, a hallmark of human cancers 20 and the leading cause of 
birth defects21.   
At metaphase, the spindle holds an ellipsoidal steady-state shape, with paired chromosomes 
balanced at the midpoint of the ellipse long-axis, half-way between the two spindle ends (the spindle 
poles).  The microtubule arrays on either side of the chromosomes have opposite polarity, with 
microtubule plus-ends pointing towards chromosomes and minus-ends focused into the two spindle 
poles, which dictate where chromosomes are transported at anaphase.  In mammalian spindles, 
thick bundles of 10-30 microtubules22 called kinetochore fibers, or (k-fibers) attach to protein 
structures called kinetochores at the centromeres of chromosomes. K-fiber plus-ends are 
mechanically coupled to chromosomes through kinetochores, while their minus-ends are focused 
into poles23.  The spindle body is also full of non-kinetochore microtubules, whose minus-ends are 
similarly focused towards poles and whose plus-ends can interact with the other half-spindle to 
form anti-parallel microtubule overlaps.  Both k-fiber microtubules and non-kinetochore 
microtubules constantly slide poleward in a process called poleward flux24.  The metaphase 
spindle’s complex architecture (e.g., distinct structural features such as spindle poles) is essential to 
its function.  How does such complexity emerge?   
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III. Rules of spindle self-organization  
To form and maintain the spindle’s complex architecture, microtubules must experience 
spatially regulated forces.  And yet, microtubules are polymers built of identical tubulin subunits, 
biochemically indistinguishable.  How, then, are organizing forces targeted to specific microtubule 
structures or populations?  Polymer ends provide one mechanism of breaking symmetry, and we 
know of many proteins that localize and act selectively at microtubule plus-ends25,26.  However, 
comparatively little is known about molecules or forces that act at minus-ends, or their mechanism 
of minus-end recognition.  Only two classes of direct minus-end binders have been identified: the 
γ-TuRC complex27 and proteins of the CAMSAP/Patronin family28,29.  Understanding the 
regulation of interactions and force generation at minus-ends may shed light on the paradoxical 
structural stability of the highly dynamic spindle, as minus-ends are relatively stable in spindles30, 
unlike plus-ends, and thus represent potential sources of structural memory.  In addition, one 
important model of spindle assembly (‘slide-and-cluster’) proposes that a steady-state spindle length 
and stable bipolarity require a clustering force exerted specifically at minus-ends31, but to what 
extent (and in what organisms) this is true remains unclear.  The minus-end-directed motor 
cytoplasmic dynein is required for spindle organization32,33 and could play this role, but dynein 
was not known to pull specifically on minus-ends. 
The microtubule motor dynein was known to be required for spindle pole formation32,34, 
working in complex with its adaptor dynactin and the microtubule binding protein NuMA33,35.  
NuMA is a 238 kDa polypeptide containing globular head and tail domains separated by a ~200 
nm discontinuous coiled-coil domain36-38.  At interphase, NuMA is sequestered within the 
interphase nucleus39; at mitosis, it forms a complex with dynein and dynactin35.  Dynein was 
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thought to transport NuMA to poles40, where dynein-dynactin and NuMA tether 
microtubules35,41-43.  How and where dynein-dynactin and NuMA pull on microtubules to build 
poles remained unclear.   
What rules govern dynein-powered transport of microtubules? How do these rules, which 
regulate nanometer-scale motor activity, ensure the emergence of two micron-scale spindle poles?  
Furthermore, pole structure remains robust despite rapid microtubule turnover44 and opposing 
tension on k-fibers from kinetochore-based forces45-47. Thus, poles must both oppose force and be 
constantly rebuilt48,49. This engineering challenge highlights a long-standing paradox: how can 
the spindle maintain its structure and mechanical integrity and yet remain dynamic, flexible, and 
architecturally plastic, as its functions require? For the spindle to preserve its structural integrity, 
it must be able to continuously rebuild poles by recognizing and sorting new microtubule 
structures. What rules of spindle self-organization enable this continuous self-repair?   
Chapter 2 describes the discovery and biophysical characterization of a key mechanism of 
spindle and pole self-organization: efficient identification and poleward transport of free 
microtubule minus-ends by dynein.  We demonstrate that the motor dynein (in complex with its 
adaptor dynactin) does indeed pull specifically on mammalian microtubule minus-ends at 
mitosis, clustering them to shape the spindle’s poles. This governing rule – the spatial restriction 
of force to minus-ends – provides a simple and intuitive mechanism for the self-organized 
emergence of spindle poles.  
Using laser ablation to challenge the spindle’s architectural steady-state by detaching 
microtubules from poles, we show that detached microtubules are rapidly identified by dynein-
dynactin and NuMA and transported toward poles, overpowering opposing forces on 
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microtubules and chromosomes to repair spindle architecture. Force is generated by localized 
pulling on new minus-ends, which powers a newly identified mechanism of chromosome 
movement at mitosis, independent of forces at plus-ends. We propose that rapid detection and 
dominant poleward transport of free minus-ends by dynein maintains spindle integrity 
throughout mitosis, making k-fiber anchorage and spindle pole structure robust to component 
turnover and mechanical challenges. Thus, Chapter 2 provides an example of the physical self-
organization of a biological structure: it elucidates a governing rule that is followed by a 
molecular motor – dynein – to ensure the emergence of a cellular-scale structural feature – the 
spindle pole. 
 
IV. Encoding self-organization rules 
How are rules of biological self-organization implemented?  When building a biological 
structure like the spindle, how do molecular motors recognize the correct cargo, or pull 
selectively on one feature of a filament?  We now know that dynein pulls on mammalian spindle 
microtubule minus-ends (Chapter 2), and this localized activity at ends is predicted to allow 
dynein to cluster microtubules into poles. How dynein becomes localized at minus-ends 
remained an open question. Dynein may be enriched near minus-ends because it walks toward 
them on microtubules and piles up when it runs out of track; indeed, pile-up of dynein has been 
observed at minus-ends in vitro50,51 and can drive minus-end clustering52. Alternatively, the 
exposed a-tubulin interface at minus-ends is structurally distinct and could bind an adaptor 
protein that specifically recruits dynein, analogous to recruitment at canonical dynein cargoes 
like organelles53. NuMA can target dynein-dynactin to the cell cortex54,55 and thus could be one 
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such adaptor. However, in vitro NuMA has shown no direct affinity for minus-ends specifically, 
binding all along the microtubule lattice56-58 or at both ends59. In Chapter 3, we elucidate how 
dynein is recruited to minus-ends, using this case study to consider both physical mechanisms 
(motor pile up) and biochemical mechanisms (structural affinity) for encoding rules of self-
organization. 
In Chapter 3, we use laser ablation in mammalian spindles to create new, isolated minus-
ends, and we use quantitative imaging to map protein recruitment to these ends.  We 
demonstrate that NuMA binds at minus-ends independently of dynein. We characterize the 
timescales and order of recruitment of minus-end-binders to new minus-ends, and we dissect the 
function of different NuMA protein domains. More specifically, we find that NuMA targets 
dynactin – and thereby dynein activity – to spindle minus-ends, challenging the prevailing model 
that dynein delivers NuMA to spindle minus-ends and poles36,40. We show that NuMA 
localization to minus-ends is independent of known direct minus-end binders g-TuRC27, 
CAMSAP160-62 and KANSL1/363, and that it involves both NuMA’s canonical microtubule-
binding domain and an additional region of its C-terminus.  
Thus, NuMA – which is sequestered in the nucleus at interphase 39 – serves as a mitosis-
specific minus-end cargo adaptor, recruiting dynein activity to spindle minus-ends. Both NuMA’s 
minus-end-binding domain and dynein-dynactin-binding domain are required for correct spindle 
architecture, supporting long-standing in silico predictions that localizing dynein to minus-ends 
enables effective clustering of parallel microtubules into poles. These findings identify a 
mechanism for mitosis-specific recruitment of dynein to microtubule minus-ends and, more 
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broadly, illustrate how rules governing molecular motors can be encoded in self-organizing 
systems.  
 
V. How do self-organized structures hold their shape? 
Self-organized biological structures are examples of active matter: materials whose 
constituent components convert energy into motion and mechanical force5,6. For subcellular 
biological structures like the spindle, molecular motors are the internally-driven components that 
inject energy at the micro-scale, generating active stresses that push the system far from 
thermodynamic equilibrium.  Considering the spindle in this light – as an active material 
comprised of dynamic and self-driven elements – we can more deeply wonder at that material’s 
ability to assume and hold a defined, steady-state shape18,44,64-67.  How does the metaphase 
spindle hold its stereotyped, ellipsoidal geometry despite active internal stresses? 
In Chapter 4, we ask how the spindle holds its shape. While comprehensive studies 
(e.g.,17,19,68-70) have revealed key regulatory proteins that modulate spindle size and shape – 
making spindles shorter, or longer, or monopolar – these modulated spindles still reach and hold 
a new steady-state geometry. Here, we ask how the spindle holds any steady-state geometry at all, 
and what happens when it cannot. 
We report that clustering of microtubule ends by dynein and NuMA is essential not only 
for spindle pole formation – but also for the whole spindle microtubule network to hold a steady-
state shape.  Strikingly, in human cells in which we knock out dynein or NuMA, the mitotic 
microtubule network is turbulent: microtubule bundles extend and bend against the cell cortex, 
constantly remodeling network shape. To our knowledge, this is the first report of a spindle that 
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cannot reach any steady-state geometry. This finding was enabled by an inducible CRISPR 
system developed in Chapter 3 and used to knock out dynein or NuMA, allowing a more 
complete depletion of these essential proteins than was previously possible. We provide a 
biophysical description of the observed loss of steady-state geometry, and we show that spindle 
turbulence is driven by the tetrameric kinesin-5 Eg5. Furthermore, we find that without 
microtubule end-clustering the spindle microtubule network is disorganized in both space and 
time: its structure loses coherence over length scales and time scales too short for spindle 
function, and local topological defects in microtubule organization move throughout the spindle. 
Inspired by in vitro work on active turbulent gels of microtubules and kinesin71,72, we apply 
language and order parameters from the active matter field to compare the kinematics of normal 
and turbulent spindles. This Chapter involved significant development of analyses and 
quantitative metrics of spindle shape state, improving our ability to map spindle morpho-space.  
Finally, we show that turbulent spindles drive flows of cytoplasm and increase cell motility. This 
suggests that establishing a steady-state, non-turbulent spindle is not only important for 
segregating chromosomes, but also for preventing physical interference with other cellular 
processes. 
In this Chapter, we attempt to bridge a gap between the cell biology of mitosis and the 
physical principles of self-organizing cytoskeletal systems. These principles have often been 
elucidated using computer simulations and simplified systems of purified proteins. In silico and in 
vitro, end-clustering has been shown to generate contractile stresses that compact isotropic 
microtubule networks to a defined geometry73,74. Thus, our discovery that end-clustering by 
dynein and NuMA is key to establishing a spindle steady-state geometry provides in vivo evidence 
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of the power of this physical principle of cytoskeletal self-organization. The removal of end-
clustering in cells unmasks a turbulent spindle material that can drive cell motility, resembling 
turbulent active nematic gels of purified microtubules and artificially clustered kinesins that can 
power motility of emulsion droplets when encapsulated in vitro71. Thus, our work demonstrates 
that turbulent active matter systems studied by physicists and materials scientists have a 
physiological counterpart in mitotic cells, driven by a naturally clustered kinesin. 
 
VI. Objectives of thesis 
To segregate chromosomes at cell division, the microtubule cytoskeleton remodels itself 
into a microtubule assembly called the spindle. In this dissertation, I use the mammalian mitotic 
spindle as a system to investigate rules of biological self-organization. Spindle architecture and 
function arise from the micron-scale integration of nanometer-scale pushes on microtubules by 
motors. Thus, the emergence of features like spindle poles depends on rules governing individual 
motors – like where they exert force. Theoreticians have long recognized 75 that clustering 
microtubules into poles must require the asymmetric localization of a motor. Since then, 
computational models have predicted that pole formation requires the enrichment of minus-end-
directed motor activity specifically at minus-ends31,73. Despite this prediction, both direct 
evidence of dynein recruitment to minus-ends in cells and recruitment mechanism – how motor 
activity becomes enriched at minus-ends in spindles – had eluded the field. In Chapter 2, I 
demonstrate that dynein does indeed pull specifically on minus-ends in living spindles, and in 
Chapter 3 I identify the first in vivo mechanism for localizing the minus-end-directed motor 
dynein to spindle microtubule minus-ends. Lastly, I explore the function of microtubule end-
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clustering as a physical organizing principle at the scale of the whole spindle network.  In 
Chapter 4, I show that microtubule end-clustering compacts the spindle microtubule network to 
a defined geometry and suppresses network turbulence, maintaining a steady-state spindle shape 
over long timescales. I draw on concepts and quantitative metrics from the active matter field – 
the fast-developing intersection of materials science and cell biology – to describe the microtubule 
network organization of steady-state spindles, and of turbulent spindle networks that have lost 
end-clustering. 
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Chapter 2: Force on spindle microtubule minus-
ends moves chromosomes 
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Abstract 
The spindle is a dynamic self-assembling machine that coordinates mitosis. The spindle’s 
function depends on its ability to organize microtubules into poles and maintain pole structure 
despite mechanical challenges and component turnover. Although we know that dynein and 
NuMA mediate pole formation, our understanding of the forces dynamically maintaining poles is 
limited: we do not know where and how quickly they act or their strength and structural impact. 
In this chapter, using laser ablation to cut spindle microtubules, we identify a force that rapidly 
and robustly pulls severed microtubules and chromosomes poleward, overpowering opposing 
forces and repairing spindle architecture. Molecular imaging and biophysical analysis suggest 
that transport is powered by dynein pulling on minus-ends of severed microtubules. NuMA and 
dynein/dynactin are specifically enriched at new minus-ends within seconds, re-anchoring 
minus-ends to the spindle and delivering them to poles. This force on minus-ends represents a 
newly-uncovered chromosome transport mechanism that is independent of plus end forces at 
kinetochores and is well-suited to robustly maintain spindle mechanical integrity.  
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Introduction 
During cell division, the mitotic spindle assembles itself from its constituent parts. Spindle 
microtubule minus-ends are focused into two poles, and these poles dictate where duplicated 
chromatids are transported at anaphase. Forces that focus microtubules into poles are crucial to 
spindle organization and function. Cytoplasmic dynein, a minus-end-directed microtubule 
motor, clusters parallel microtubules into spindle poles32,34 and transports the microtubule-
binding protein NuMA to build poles40. At poles, dynein and NuMA tether microtubules35,41-43, 
and pole structure remains robust despite rapid microtubule turnover44 and opposing tension on 
k-fibers from kinetochore-based forces45-47. Thus, poles must both oppose force and be constantly 
rebuilt48,49. This engineering challenge highlights a long-standing paradox: how can the spindle 
maintain its structure and mechanical integrity and yet remain dynamic, flexible, and 
architecturally plastic, as its functions require?  
For the spindle to preserve its structural integrity, it must be able to continuously rebuild 
poles by recognizing and sorting new microtubule structures. Indeed, during spindle assembly, 
poles can integrate both new peripheral microtubules76,77 and kinetochore-nucleated k-fibers78,79. 
Established spindles can move short microtubule seeds to poles34,43 and reincorporate k-fibers 
severed by ablation as microtubules grow back79-81, and poles from different spindles can fuse 
together82. While dynein and NuMA have been demonstrated or are suspected to mediate these 
observations of dynamic microtubule integration into poles, it is not clear which microtubule 
structures serve as dynein cargo, where on them force is exerted, or how strong that force is. We 
do not know how forces that maintain poles compare to other spindle forces, or on what 
timescale they contribute to spindle architecture. In large part, this is because the response of the 
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established spindle to detached microtubules is challenging to study: k-fiber minus-ends are 
already embedded in the spindle, and free microtubules within the spindle body are difficult to 
image.  
Here, we use laser ablation to challenge the spindle’s architectural steady-state by 
detaching microtubules from poles, and we probe cellular forces exerted on, and molecules 
recruited to, these microtubules. We show that detached microtubules are rapidly identified by 
dynein/dynactin and NuMA and transported toward poles, overpowering opposing forces on 
microtubules and chromosomes to repair spindle architecture. Force is generated by localized 
pulling on new minus-ends, which powers a newly identified mechanism of chromosome 
movement at mitosis, independent of kinetochore forces. We propose that rapid detection and 
dominant poleward transport of free minus-ends by dynein maintains spindle integrity 
throughout mitosis, making k-fiber anchorage and spindle pole structure robust to component 
turnover and mechanical challenges.  
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Results 
K-fiber severance triggers poleward chromosome movement within seconds 
We used pulsed laser ablation to sever microtubules and detach them from poles (Figure 
1A) in mammalian GFP-α-tubulin PtK2 cells. In metaphase spindles, we ablated k-fibers a mean 
distance of 2.5±0.1 μm from the kinetochore, leaving a short k-fiber “stub” that terminated with 
new microtubule minus-ends. In the brief first response phase following ablation, the previously 
stretched centromere rapidly relaxed, causing the k-fiber stub to move toward the chromosome, 
and the uncapped (and unstable) microtubule plus ends created by k-fiber severance quickly 
depolymerized79,83-85 (Figure 1B). These mechanical cues verified that ablation severed k-fibers 
(Materials and methods).  
Then, beginning after a mean delay of 15±4 s following ablation, the k-fiber stub was 
rapidly transported back toward the spindle pole to which it was previously connected, dragging 
its attached chromosome and stretching the centromere back to pre-ablation levels (Figure 1B 
and Figure 2A, Table 1). This poleward transport comprised a distinct, second response phase 
and was unexpected given the loss of a direct connection of the k-fiber to the pole. The severed k-
fiber often began moving before its non-ablated sister k-fiber, and the centromere stretched 
rather than compressed during movement, both indicating that movement was powered by 
pulling forces on the severed k-fiber rather than by pushing forces from the sister. In some cases, 
the initiation of movement coincided with the k-fiber stub end visibly contacting a neighboring 
microtubule or k-fiber. Chromosomes moved poleward at a mean speed of 2.2±0.2 µm/min 
post-ablation (Table 1), significantly faster than normal poleward chromosome speeds at 
metaphase (1.3±0.2 µm/min; Table 1). Transport persisted for an average of 60±7 s and 2.1±0.1 
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µm, indicating processive force generation. After each discrete episode of poleward movement in 
response to ablation, the k-fiber stub was reincorporated into the spindle, and chromosomes 
resumed normal metaphase oscillations. Cells entered anaphase even after numerous ablations. 
Thus, k-fiber severance reveals that chromosomes can be pulled poleward (and centromeres can 
be stretched) without direct k-fiber stub connection to the pole, suggesting a force-generating 
attachment of the stub to the spindle body. 
 
The poleward transport force overpowers other forces on chromosomes and microtubules to move chromosomes 
To probe the magnitude of the poleward transport force and its structural impact on the 
spindle, we compared its poleward pull on chromosomes to other spindle forces, such as 
opposing tension from a sister k-fiber (Figure 1A). We ablated k-fibers during anaphase, when 
chromatids are no longer strongly attached to their sisters. As at metaphase, k-fiber stubs and 
attached chromatids were pulled toward spindle poles (Figure 1C). In fact, chromatids with 
severed k-fibers moved poleward significantly faster than those with uncut k-fibers (Figure 2B), 
suggesting that a different mechanism powered their segregation. In addition, transport speeds 
were very similar from trace to trace (Figure 2B), consistent with a single mechanism powering 
the poleward transport response. Finally, transport speeds were faster at anaphase than at 
metaphase (2.7±0.3 µm/min; Table 1), indicating that opposing force from a sister k-fiber can 
slow the poleward transport response during metaphase.  
To test whether other interactions with the sister half-spindle can meaningfully oppose 
the poleward transport force, we generated monopolar spindles – where such interactions are 
eliminated – by inhibiting Eg5 with 5 μM STLC. After ablation, severed k-fibers and associated 
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chromosomes were abruptly pulled poleward (Figure 1D). As in metaphase and anaphase 
bipoles, chromosomes in monopolar spindles ultimately resumed normal movements (Figure 2C). 
However, poleward transport speeds after ablation (3.7±0.3 µm/min) were significantly higher 
than in metaphase or anaphase bipoles (Figure 1D and Figure 2C, Table 1). In an anaphase 
bipolar spindle, therefore, the sister half-spindle still contributes resistance to poleward transport. 
In established bipolar spindles treated with STLC, the poleward transport force pulled 
chromosomes at 2.7 ± 0.3 μm/min (15 ablations in 6 cells): this is faster than in untreated bipolar 
spindles (Table 1), indicating that crosslinking by Eg5 may oppose transport in bipolar spindles, 
but is significantly slower than in monopolar spindles (Table 1), indicating that a monopolar 
architecture lacking sister half-spindle forces permits faster poleward transport independent of 
Eg5 activity. Moreover, the response in monopolar spindles, without sister half-spindle forces, 
confirms that the response force pulls, rather than pushes, on chromosomes.  
We next investigated the strength of the poleward transport force relative to forces 
exerted directly on chromosomes as they move through the spindle. We eliminated the latter by 
ablating bundles of non-kinetochore-microtubules in monopolar spindles, where these bundles 
were easiest to target. After severance, non-k-fiber microtubule bundles were pulled poleward 
with their minus-ends leading, just as ablated k-fiber stubs were (Figure 1E). Therefore, the 
poleward transport response does not require molecular loading at the kinetochore or k-fiber-
specific proteins86-89: it not only acts on all spindle architectures tested (Figure 1B-D), but on all 
microtubule populations tested (Figure 1B and 1E). Non-k-fiber bundles moved poleward more 
than three-fold faster than k-fiber stubs (13±1 µm/min; Table 1), suggesting that forces exerted 
directly on chromosomes (e.g., from drag or chromokinesins) significantly oppose poleward 
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transport. Thus, the poleward transport force is similar in magnitude to opposing forces on 
chromosomes, but can overpower them to dictate transport direction and preserve the 
mechanical connection between chromosome and pole. 
 
Dynein powers the poleward transport response 
Taken together, the characteristics of the poleward transport response suggest it is 
powered by a minus-end-directed microtubule motor: after a delay, force generation begins 
abruptly and is active, fast, and processive. We suspected that dynein, which can slide 
microtubules to poles, powered the poleward transport response. Indeed, functional inhibition of 
dynein by overexpression of a dominant negative p150 fragment90 resulted in absent or long-
delayed incorporation of k-fiber stubs after ablation (Figure 3). Free minus-ends were tracked for 
an average of 122±24 s after ablation without displaying poleward movement or minus-end 
reincorporation (Table 1). Both direct dynein inhibition and perturbed spindle microtubule 
architecture (e.g., a perturbed microtubule network for dynein to walk along) may contribute to 
the loss of poleward transport. Thus, dynein powers the poleward transport response.  
 
Poleward force is exerted specifically on microtubule minus-ends 
 To investigate the physical mechanism of dynein-powered poleward transport, we probed 
whether and how the response (displacement, timescale, speed) varied spatially with the location 
of new minus-ends. We focused on monopolar spindles, since they displayed the most marked 
response to ablation and are an experimentally tractable steady-state. The response to new 
minus-ends was robust: we observed fast poleward transport of 37 out of 40 ablated k-fibers in 19 
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cells. The magnitude of poleward movement correlated with the distance of the cut site from the 
pole (Table 2, Figure S1A), suggesting that the poleward transport force pulls k-fiber stubs to the 
spindle pole.  
Consistent with the idea that polar microtubule tracks guide post-ablation transport, the 
initiation of poleward movement sometimes coincided with visible contact between a k-fiber stub 
and neighboring microtubules (Figure S2). In addition, very short stubs (less than 1 µm) displayed 
a longer delay between ablation and poleward transport initiation (Table 2, Figure S1B). Because 
they sterically sample smaller volumes, short k-fiber stubs may have a lower probability of 
contacting microtubule tracks for dynein to walk along. For longer stubs, this correlation was 
absent, but the existence of an average 8 s delay (Table 1) suggested that the poleward force was 
not present on the k-fiber before ablation; if that were the case, movement would have begun 
immediately. 
The delay is consistent with ablation-triggered recruitment of force-generating machinery 
to new, ablation-created structures such as the new minus-ends. This suggestion that motor 
machinery is targeted to specific microtubule structures raised the question of where on 
transported microtubules force is exerted. A model of microtubule sliding powered by dynein at 
points of lateral microtubule contact would predict force generation all along the 
microtubule36,40. In contrast, we found that the speed of the poleward transport response does 
not correlate with the length of the k-fiber stub (Table 2, Figure S1C), suggesting that force 
driving transport is not generated all along the stub. (Slower speeds of ablated k-fibers compared 
to non-k-fiber bundles suggest that dynein can move faster under a lighter load, so that an 
increase in number of motors, and corresponding decrease in load per motor, would be capable 
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of increasing the transport speed.) Since speed does not increase with stub length, force may be 
generated at its minus-end, a structure singular to each ablated microtubule bundle. Consistent 
with force at minus-ends dominating mechanical interactions along the k-fiber, the severed stub 
rapidly pivoted 180 degrees during rare (<5% of cases) observations of post-ablation movement 
towards the opposite pole similar to observations by 91, likely along an atypically-polarized 
microtubule track (Figure S3). Given the above observations, we hypothesized that the dynein-
powered poleward transport force is in fact a minus-end poleward transport force, which 
identifies and pulls free minus-ends as cargo. 
To test whether force generation at minus-ends is necessary for k-fiber stub poleward 
transport, we performed a second ablation to destroy the stub minus-end, after poleward 
transport began but before the minus-end was indistinguishable from surrounding microtubules. 
Ablation of the stub minus-end abolished movement toward the pole, both in bipolar and in 
monopolar spindles; movement began again after a delay (Figure 1F and 2E). While current data 
cannot resolve whether few or most minus-ends within a k-fiber productively engage during 
poleward force generation, the loss of force generation after minus-end ablation suggests that 
mechanical engagement at the k-fiber minus-end is essential for the poleward transport response. 
Thus, while forces may also be generated all along the k-fiber79,92,93, they were not sufficient to 
power the rapid stub and chromosome transport we observed.  
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Dynactin and NuMA identify new minus-end structures as cargo within seconds and processively escort them to 
poles  
If dynein and its binding partners identify and pull free microtubule minus-ends, rather 
than non-preferentially exerting sliding forces all along microtubule lengths, we would expect 
them to specifically localize to new minus-ends. To test for such localization, we fixed metaphase 
bipolar cells immediately after ablation and performed immunofluorescence staining. We first 
stained for NuMA (Figure 4A and 4B), which showed striking localization at new minus-ends as 
early as 15 s after ablation, the fastest we were able to fix following ablation. When we ablated 
non-k-fiber bundles, we found that NuMA also localized specifically to these newly created 
minus-ends (Figure 4C and 4D). Thus, the free minus-ends of both k-fiber and non-k-fiber 
microtubule bundles recruit NuMA. 
To investigate whether dynein accompanied NuMA and was selectively enriched at new 
minus-ends, we stained post-ablation for p150 (also called p150Glued), a component of the dynein 
adapter complex dynactin94, which is required for NuMA to associate with dynein40. Indeed, 
p150 co-localized with NuMA selectively at minus-ends of severed fibers (Figure 4E-G). The fact 
that NuMA and dynactin specifically localize to minus-end structures is consistent with data 
suggesting that dynein generates force at the minus-end itself, as opposed to all along the 
microtubule (Tables 1 and 2, Figure 1F, 2E, S1C, and S3). 
After immunofluorescence indicated that NuMA and dynactin specifically mark new 
minus-ends as motor cargo, we wondered how quickly they identified minus-ends, and if and 
where they subsequently moved. We turned to live imaging to understand the timescale of 
dynein/dynactin and NuMA recruitment, and their dynamics and processivity relative to the 
24 
 
 
minus-end poleward transport response. Another component of the dynactin complex, Arp1A95, 
was quickly recruited to sites of ablation in metaphase bipoles, within an average of 14±3 s 
(Figure 5A and 5B, Table 1). GFP-Arp1A puncta moved at speeds (2.6±0.4 µm/min; Table 1) 
similar to the metaphase k-fiber poleward transport response, and they continued processively 
until they became indistinguishable from the pole. To determine if Arp1A puncta co-localized 
with minus-ends throughout their trajectories, we ablated k-fibers in cells expressing mCherry-
tubulin and GFP-Arp1A. Arp1A puncta appeared at new minus-ends and moved together with 
them toward poles (Figure 5C and 5D). 
GFP-NuMA was visible at ablation sites an average of 8±1 s post-ablation (Table 1, 
Figure 5E and 5F) in metaphase bipoles, more quickly than GFP-Arp1A recruitment was 
detectable. This difference may reflect temporal recruitment order or may result from higher 
contrast GFP-NuMA signal. The recruitment of GFP-NuMA occurred before the initiation of 
poleward movement of severed k-fibers in metaphase bipoles (15±4 s; Table 1). In some cases, 
GFP-NuMA was detectable at the ablation site for up to 40 s before it moved poleward (Figure 
5G and Figure S4). Like GFP-Arp1A, recruited GFP-NuMA moved poleward at speeds in 
keeping with the minus-end transport response until it merged with NuMA structures at the pole 
(1.9±0.1 µm/min; Table 1, Figure 5E and 5F). The speed of movement decreased as the 
recruited NuMA neared the spindle pole (Figure 5F and 5G). Notably, the speed of microtubules 
in Xenopus extract spindles decreases near poles in a dynein-dependent manner31,96. Consistent 
with our characterization of k-fiber movement during minus-end poleward transport, the 
poleward movement of GFP-NuMA in monopolar spindles was significantly faster (2.9±0.3 
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µm/min; Table 1) than in bipolar spindles. Lastly, in cells expressing mCherry-NuMA and GFP-
Arp1A, NuMA and Arp1A puncta co-localized and moved together to poles (Figure S5).  
In sum, the data indicate that throughout mitosis, dynein/dynactin and NuMA rapidly and 
specifically identify free microtubule minus-ends and pull them as cargo to the spindle pole, 
generating enough force to maintain k-fiber anchorage and move chromosomes.  
26 
 
 
Discussion 
The maintenance of focused poles is central to spindle architecture and function. Here, 
we sever spindle microtubules using laser ablation to create detached k-fiber and non-k-fiber 
microtubules. We find that dynein/dynactin and NuMA rapidly, efficiently, and specifically 
identify the free minus-ends of these detached microtubules and processively pull minus-ends as 
cargo to poles. Although this force acts at minus-ends, it can overpower opposing pulls all along 
microtubules and on chromosomes and power spindle self-repair, prioritizing the structural 
reintegration of minus-ends. We demonstrate not only that a force exerted on microtubule 
minus-ends can move and segregate chromosomes, but that this poleward minus-end force 
overpowers canonical forces on chromosomes exerted at plus ends. Minus-end reintegration 
maintains spindle architecture on a faster timescale (seconds) than chromosome movement 
(minutes), ensuring that chromosomes remain bioriented and are transported to poles at 
anaphase.  
 
Free microtubule minus-ends are specific cargoes for dynein force generation 
The data herein suggest a model for spindle architecture maintenance by efficient cellular 
identification and poleward transport of free microtubule minus-ends (Figure 6A). Within 
seconds of their creation, new minus-ends recruit NuMA and dynein/dynactin. Minus-ends 
remain detached from the spindle until they come into contact with a neighboring spindle 
microtubule track seconds later. Upon contact, dynein walks processively poleward along this 
track, pulling its microtubule minus-end cargo (Figure 6B). Together, complexes of NuMA, 
dynactin, and dynein may act as a physical tether between a microtubule track (bound to dynein) 
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and microtubule cargo (bound to NuMA) and power the poleward transport of spindle 
microtubule minus-ends. Estimation of the frictional force experienced by a microtubule bundle 
moving at the speeds we observe suggests that multiple dynein motors are likely responsible for 
this poleward force on minus-ends97-99. Targeting dynein molecules specifically to minus-ends, 
rather than all along the microtubule, provides a simple and intuitive mechanism for clustering 
minus-ends into poles31.  
 
 Newly created microtubule minus-ends are biochemically marked within seconds 
NuMA and dynein are thought to incorporate kinetochore-nucleated k-fibers during 
spindle formation40,78. Yet when NuMA is inhibited, two focused spindle poles still form; only 
later do poles defocus45. The present study helps reconcile these findings. Based on the 
observation that NuMA rapidly and robustly localizes to new minus-ends, we hypothesize that 
spindle maintenance involves not only NuMA’s canonical role as a tethering “glue” at poles35,45, 
but also NuMA-mediated capture and poleward transport of spindle microtubule minus-ends78 
that are created or lost from poles. NuMA may act as a tether in two places: between a minus-
end and its microtubule track, and between that track and the pole. In retrospect, earlier 
visualization of NuMA along the length of kinetochore-nucleated k-fibers, not only at their tips78, 
may reflect the tapered nature of these fibers. By creating synchronized minus-ends, the targeted 
ablation approach used here allows us to dissect the location of dynein force generation and 
reveals specific recruitment and activity of dynein/dynactin and NuMA at microtubule minus-
ends (Figure 6B). Together, the creation of synchronized minus-ends by ablation and their 
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subsequent molecular marking by the cell offer a way to image spindle microtubule minus-ends – 
a long-standing challenge.  
This study places an upper bound of 8 seconds on the time required to establish distinct 
biochemistry at free minus-ends, and it raises the question of how microtubule minus-ends are 
specifically identified within the spindle body. We consider two models and cannot currently 
distinguish between them. First, dynein could walk along microtubules until it runs out of track, 
delivering dynactin and NuMA to minus-ends. In this scenario, dynein molecules first use the k-
fiber as a track, pile-up at the minus-end without falling off – the basis for minus-end selective 
identification – and later hold on to the minus-end as cargo. Alternatively, soluble NuMA and 
dynein/dynactin may be recruited selectively to minus-ends from the cytoplasm, binding either 
directly or indirectly to minus-ends. NuMA binds microtubules directly56,57, and previous work has 
suggested that NuMA can localize to minus-ends independently of dynein43. Following ablation, 
then, NuMA may recruit dynactin and dynein specifically to minus-ends, consistent with the faster 
recruitment we observe for NuMA than dynactin (Table 1). If indirect, binding may occur through 
one of the two known direct minus-end interacting partners, the ɣ-tubulin ring complex (ɣ-
TURC)100 or the recently characterized CAMSAP family29, which localizes to interphase 
microtubule minus-ends created by ablation101.  
 
Self-repair is tuned to competing forces and dynamically maintains spindle mechanical integrity 
This work identifies an unexpected mechanism of chromosome translocation mediated by 
a poleward force on k-fiber minus-ends. The minus-end poleward force is similar in magnitude to 
other forces on chromosomes but capable of directionally dominant transport (Figure 6C), 
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allowing it to (1) work in tandem with other forces without being so strong as to disrupt spindle 
architecture but (2) prioritize correct integration of free minus-ends. Minus-ends are relatively 
stable and thus preserve structural memory, and a uniquely fast cellular response to free minus-
ends may preserve bipolar structure and chromosome biorientation. As such, minus-end 
transport forces may be tuned to competing spindle forces – strong and fast enough to ensure the 
accurate integration of k-fiber minus-ends into poles given the strength and dynamics of opposing 
forces on chromosomes. 
Spindle microtubules need to be continuously organized as minus-ends are created or 
exposed by microtubule nucleation, microtubule-severing enzymes, augmin-mediated branching 
events102, or detachment from previous structures103,104. The findings herein open new questions: 
whether NuMA and dynein localize to the minus-ends of all spindle microtubules, and whether 
all populations of spindle minus-ends are rapidly transported by this poleward force. If the 
poleward transport machinery recognizes only a subset of minus-ends, it could discriminate on 
the basis of structure (e.g., minus-ends of bundled microtubules) or biochemistry (e.g., “naïve” 
ablation-created minus-ends with exposed interfaces not yet masked by minus-end binding 
proteins).  
 Paradoxically, the mitotic spindle is a highly dynamic and yet mechanically robust 
macromolecular machine. Spindle poles, for example, persist for lifetimes longer than their 
components’ and are both flexible and mechanically strong, as illustrated by manipulation 
experiments105-107. Rapid-acting, strong forces that continuously maintain spindle integrity could 
resolve this paradox. The robust minus-end transport response we observe represents one such 
mechanism for maintaining chromosome anchorage and spindle architecture by dynamic self-
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repair: rapid error detection (of free minus-ends) and resolution (via dominant poleward 
transport). 
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Figure 1. Microtubule severance triggers a response that rapidly pulls detached 
microtubules toward spindle poles.  
 
(A) Experimental design: to probe forces that maintain spindle poles, we challenge the spindle 
steady-state by detaching microtubules from poles using laser ablation.  
(B–F) Time-lapse live images of GFP-α-tubulin PtK2 cells (phase contrast, blue; GFP-α-tubulin, 
yellow). Time is in min:sec, with frame captured immediately following ablation set to 00:00. 
Scale bars are 2 μm. Arrowheads mark minus-ends of ablated microtubules. Dotted lines indicate 
the position of the kinetochore-end of the ablated k-fiber (B-D, F) or bundle minus-end (E) 
immediately before ablation. 
 
(B) Representative response of metaphase spindle to k-fiber laser ablation (‘X’). After ablation, 
the centromere initially relaxes, causing the ablated k-fiber stub to move upward (00:00-0:08). 
During this time, the k-fiber stub also rotates freely and the uncapped (and unstable) microtubule 
plus ends depolymerize. Then, the k-fiber stub is pulled rapidly poleward, stretching the 
centromere and dragging the attached chromosome poleward (00:08-02:01). Minus-ends are 
reincorporated into the spindle (rightmost panel), and the chromosome then resumes typical 
metaphase oscillations (not shown). The kinetochore whose k-fiber is ablated is marked by ‘*’, 
and its sister by ‘o’.  
 
(C) Representative response of anaphase spindle to k-fiber laser ablation (‘X’). Following 
ablation, the k-fiber stub rotates freely and its attached chromatid moves upward (00:00-00:21). 
Upon apparent contact with a neighboring microtubule (00:21), the k-fiber stub is pulled 
poleward faster than typical anaphase chromatid movement (times 00:21-01:15). The 
kinetochore of the ablated k-fiber (‘*’) is pulled rapidly toward the pole, passing a neighboring 
control chromosome (‘o’). See also Figure S2.  
 
(D) Representative response of monopolar spindle to k-fiber laser ablation (‘X’). Immediately 
after ablation, the k-fiber stub rotates freely, but its attached chromosome does not move 
upward, consistent with a lack of force from a sister half-spindle (00:00-00:07). Then, the k-fiber 
stub is pulled poleward, dragging the attached chromosome by its kinetochore (‘*’) (00:07-00:35). 
The kinetochore of an unmanipulated neighboring k-fiber is marked by ‘o’.  
 
(E) Representative response of monopolar spindle to non-k-fiber bundle laser ablation (‘X’). 
Almost immediately after ablation, the severed non-k-fiber bundle is rapidly pulled toward the 
pole (00:06-00:32).  
 
(F) Representative response of cell to ablation (‘X’) of the newly created microtubule minus-end. 
Following a first ablation (00:00), the k-fiber stub (kinetochore marked by ‘*’) is pulled poleward 
(00:00-00:53). A second ablation destroys the k-fiber stub minus-end (01:03), and poleward 
movement temporarily stops (01:03-01:10), suggesting that poleward force generation requires 
the minus-end. A second poleward transport phase follows this pause (01:28-01:46).  
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Figure 2. Dynamics of the poleward transport response suggest it acts rapidly and 
robustly moves chromosomes across different spindle architectures.  
 
(A) Change in the distance from chromosomes to the pole before and after ablation of their k-
fibers in metaphase bipolar spindles. Following ablation, chromosomes attached to ablated k-
fibers (blue traces, n=18) are pulled poleward, whereas neighboring control chromosomes (green 
traces, n=14) continue oscillating.  
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(B) Change in the distance from chromatids to the pole before and after ablation of their k-fibers 
during anaphase. Chromatids attached to ablated k-fibers (blue traces, n=10) are pulled toward 
poles faster than anaphase movement of their unmanipulated sister chromatids (green traces, 
n=10), before resuming normal anaphase movement around time 70 s. See also Figure S2. 
 
(C) Change in the distance from chromosomes to the pole before and after the ablation of their k-
fibers in monopolar spindles. Following ablation of their k-fibers, chromosomes are rapidly pulled 
toward poles (blue traces, n=37) before resuming normal oscillations.  
 
(D) Zoom of traces from (C) displaying only from start to end of the poleward transport response 
of each trace, synchronized to individual response start times (0 s). 
 
(E) Change in the distance from chromosomes to the pole during repeated ablation experiments 
in bipolar (top) and monopolar (bottom) spindles (four example traces of each). Traces are shown 
in gray before the first ablation, in solid blue following the first ablation (which severs the k-fiber), 
and in solid red following the second ablation (which destroys the new, free minus-ends). (Dotted 
lines connect points before and after ablation.) Poleward transport begins after the first ablation 
but temporarily stops when the k-fiber stub minus-end is destroyed by the second ablation, 
suggesting that poleward transport requires mechanical engagement of the minus-end.  
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Figure 3. Dynein function is required for the poleward transport response.  
 
Time-lapse live images of a metaphase GFP-α-tubulin PtK2 spindle (phase contrast, blue; GFP-
α-tubulin, yellow) response to k-fiber laser ablation when dynein cargo-binding is inhibited by 
transfection of a dominant negative p150 fragment. After laser ablation (‘X’), the targeted k-fiber 
rotates (00:00-00:10) and splays (e.g., 02:03). No significant poleward movement of the newly 
generated k-fiber minus-ends (arrowhead) and attached chromosome (kinetochore marked by ‘*’) 
is observed. Minus-ends are not reincorporated into the spindle by 02:24 (compare with delays in 
Figure S1B) despite nearby microtubule populations (e.g., 00:46). The spindle is fragmented and 
multipolar, as described after transfection with this p150 fragment90. Dotted line indicates the 
position of the kinetochore-end of the ablated k-fiber immediately before ablation. Time is in 
min:sec, with frame captured immediately following ablation set to 00:00. Scale bars are 2 μm.  
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Figure 4. NuMA and dynactin are recruited specifically to newly generated minus-
ends.  
 
(A) Live images of a GFP-α-tubulin PtK2 spindle immediately before and after k-fiber ablation at 
targeted sites (red ‘X’s). Scale bar is 2 μm. 
 
(B) Representative immunofluorescence image of NuMA, α-tubulin, and DNA (Hoescht) in cell 
from (A), fixed after ablation. NuMA (arrowheads) localizes to new minus-ends. Scale bars are 2 
μm. 
 
(C) Live images of a GFP-α-tubulin PtK2 monopolar spindle (phase contrast, blue, to identify 
chromosome locations; α-tubulin, red) immediately before (left) and after (right) ablation of non-
k-fiber bundles (each ablation site marked by white ‘X’). One k-fiber is also ablated (gray ‘X’). 
Scale bar is 2 μm. 
 
(D) Representative immunofluorescence image of NuMA, α-tubulin, and kinetochores (CREST) 
in two planes of same cell from (C), fixed after ablation. NuMA (arrowheads) localizes to new 
minus-ends. In Plane 1, new minus-ends are not yet reincorporated into the spindle; in Plane 2, 
the new minus-ends appear to have moved poleward along another microtubule bundle (note 
contact between the microtubule bundles at the new NuMA-marked minus-ends). Scale bars are 
2 μm. 
 
(E) Live images of a GFP-α-tubulin PtK2 spindle immediately before and after k-fiber ablation at 
targeted sites (red ‘X’s). Scale bar is 2 μm. 
(F) Representative immunofluorescence images of NuMA, dynactin subunit p150, and α-tubulin 
in cell from (E), fixed after ablation. Arrowheads mark NuMA and p150 recruited to new minus-
ends. The ablated k-fiber on the left has associated with other microtubules before fixation, 
whereas the minus-ends of the ablated k-fiber on the right remain unattached. Scale bars are 1 
μm. 
 
(G) Line scan analysis of NuMA, dynactin subunit p150, and α-tubulin intensity along dashed 
line in (F). NuMA and p150 co-localize at new microtubule minus-ends, and loss of tubulin 
intensity confirms ablation. Representative example of 5 ablations in 4 cells. 
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Figure 5. Dynactin and NuMA identify new minus-ends within seconds and escort 
them to spindle poles.  
 
(A and E) Representative time-lapse live images of PtK2 cells expressing (A) GFP-Arp1A or (E) 
GFP-NuMA. Arp1A and NuMA (yellow arrowheads) are recruited to the sites of ablation (red 
‘X’s) within seconds and move rapidly and processively poleward. GFP-Arp1A and GFP-NuMA 
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puncta move poleward until they are indistinguishable from poles. Time is in min:sec, with frame 
captured immediately following ablation set to 00:00. Scale bars are 2 µm.  
 
(B and F) Kymographs along poleward path of (B) GFP-Arp1A or (F) GFP-NuMA puncta, 
between dashed lines in (A) and (E). Note that the spindle pole itself (bright signal along bottom 
of kymograph) moves upward during minus-end poleward transport, consistent with a reactive 
force on the spindle pole as the ablated k-fiber is pulled downward via a pole-connected track. 
 
(C) Representative time-lapse live images of cells expressing mCherry-tubulin and GFP-Arp1A 
reveal that recruited Arp1A (yellow arrowheads) localizes at and moves with new microtubule 
minus-ends following ablation (at red ‘X’). The kinetochore of the ablated k-fiber is marked by 
‘*’, and a neighboring non-ablated kinetochore is marked by ‘o’. Scale bars are 2 µm.  
 
(D) Kymograph along poleward path between dashed lines in (C) of ablated mCherry-tubulin k-
fiber and GFP-Arp1A puncta. 
 
(G) Distance of GFP-NuMA puncta from ablation site as puncta move processively poleward 
following ablation. In some cases, stationary GFP-NuMA is detectable at the ablation site for up 
to 40 s before it moves poleward (see also Figure S4). Red trace indicates the mean (error bars 
represent SEM) of 43 individual responses (blue traces). On average, the recruited GFP-NuMA 
first appears about 0.5 µm farther away from the pole than the site of ablation, which is expected 
given an ablation area of about 1 μm (Materials and methods). 
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Figure 6. Forces on new microtubule minus-ends move chromosomes and 
maintain spindle organization 
 
(A) Model for rapid identification and organization of new spindle microtubule minus-ends. 
NuMA (purple) and dynein/dynactin (green) rapidly localize to new microtubule minus-ends 
following ablation (red ‘X’). Once dynein comes into contact with neighboring microtubules, it 
walks processively poleward along them, pulling the new minus-ends as cargo and moving 
attached chromosome (dark blue chromosome).  
 
(B) Imaging and biophysical analysis suggest that poleward transport is powered by force 
generation at minus-ends of cargo microtubules.  
 
(C) Comparing the magnitudes of spindle forces. In all spindle structures studied, the poleward 
transport force overpowers other forces on chromosomes and/or microtubule bundles to move 
them toward poles. However, the speed of poleward movement increases as opposing forces 
decrease. Thus, the poleward transport force dominates but is tuned to other spindle forces, 
allowing it to maintain pole architecture without disrupting spindle integrity.   
stationary 
microtubule
+
-
RelaxationAblation Poleward transport of 
minus ends
Molecular 
localization at 
minus ends
Figure 6
A
B
X X
X
X
Increasing minus end poleward transport speed
Decreasing opposing force
C
Force 
generated all 
along 
microtubules
Force 
generated at 
microtubule 
minus endsstationary 
microtubule
+
-
41 
 
 
Table 1. Characterization of the poleward transport response in mechanically 
distinct systems. See also Figure 1-3 and 5. 
 
 
Poleward 
speed 
(μm/min) 
Delay between 
end of ablation 
and response (s) 
Duration of 
poleward 
movement 
(s) 
Magnitude 
of poleward 
movement  
(μm) 
Number of 
ablations (n) 
Number of 
cells (x) 
Metaphase bipole 
ablation 2.2 ± 0.2 15 ± 4 
60 ± 7 
(n=14, 
x=13) 
2.1 ± 0.1 
(n=14, 
x=13) 
n=18 
x=17 
Metaphase bipole 
control 1.3 ± 0.2 56 ± 11
a 64 ± 11 (n,x=5) 
1.4 ± 0.4 
(n,x=5) 
n=14 
x=10 
Anaphase bipole 
ablation 2.7 ± 0.3  18 ± 3 75 ± 10 3.0 ± 0.3 
n=10 
x=6 
Anaphase bipole 
control 0.8 ± 0.2 n/a
b n/ab n/ab n=10 x=6 
Monopole ablation 3.7 ± 0.3 8 ± 2 48 ± 7 2.2 ± 0.2 n=37 x=19 
Monopole control 1.5 ± 0.2 66 ± 17a 53 ± 10 1.1 ± 0.2 n=7 x=6 
Non-k-fiber 
microtubule bundles 
in monopoles 
13 ± 1 3 ± 1 n.d.c n.d.c n=12 x=5 
Recruited  
GFP-Arp1A in 
bipoles 
2.6 ± 0.4 14 ± 3 32 ± 3 1.4 ± 0.2 n=8 x=6 
Recruited  
GFP-NuMA in 
bipoles 
1.9 ± 0.1 8 ± 1 71 ± 6 2.0 ± 0.1 n=43 x=14 
Recruited  
GFP-NuMA in 
monopoles 
2.9 ± 0.3 32 ± 2 37 ± 5 1.6 ± 0.2 n=23 x=7 
DsRed-p150217-548 
overexpression n/a
d 
122 ± 24  
(post-ablation 
time without 
response) 
n/ad n/ad n=31 x=11 
 
Data are presented as mean ± SEM. 
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a Control delay time is the interval between the end of ablation and the first subsequent poleward 
motion of control unmanipulated chromosomes neighboring the ablation site.  
b Because anaphase movement is dominantly poleward, these control measurements are not 
applicable. 
c We did not measure duration and magnitude of the movement for non-k-fiber bundles since we 
were able to only briefly track the minus-end following ablation.  
d Because we did not see any consistent poleward response in cells inhibited with the p150 
fragment, these measurements are not applicable. 
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Table 2. Probing correlations between ablation location and the k-fiber poleward 
transport response. See also Figure S1. 
 
First parameter Second parameter Correlation 
coefficient 
P-value 
Magnitude of poleward 
movement 
Distance of cut site from 
pole 
0.42 0.01* 
Delay before poleward 
movement 
Length of k-fiber stub -0.46 0.0039* 
Speed of poleward 
movement 
Length of k-fiber stub 0.0092 0.96 
 
All data collected in monopolar spindles. 
*P-values that are significant (≤0.01).  
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Supplemental figures and figure legends 
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Figure S1. The position of new minus-ends on k-fibers affects poleward transport 
processivity and start delay, but not speed. 
 
All data from monopolar spindles. 
(A) Scatter plot of the magnitude of poleward movement vs. the distance from the site of ablation 
to the spindle pole. Cutting farther from the pole results in more processive poleward transport, 
consistent with the cell moving new minus-ends to the pole. 
 
(B) Scatter plot of the delay between the end of ablation and poleward movement vs. the length 
of the k-fiber stub still attached to the chromosome. The poleward response has a delayed start 
for k-fiber stubs shorter than 1 μm, consistent with a longer wait time before short stubs, which 
sterically sample smaller volumes, encounter neighboring microtubule tracks.  
 
(C) Scatter plot of the speed of poleward movement vs. the length of the k-fiber stub still attached 
to the chromosome. There is no correlation (Table 2) between the speed of poleward movement 
and the length of the k-fiber stub, consistent with force being generated at the minus-ends 
themselves. 
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Figure S2. Initiation of poleward movement immediately follows contact with 
neighboring microtubules. 
 
Individual example trace (from traces in Figure 2B) of the change in distance from the pole after 
ablation (solid gray line) of a k-fiber during anaphase, corresponding to the filmstrip in Figure 
1C. During live imaging, contact of the k-fiber stub with a neighboring microtubule was visible at 
21 s (dashed line) and poleward movement began ~5 s later. Similar correlation between 
microtubule contact and poleward movement was observed following at least 9 other ablations. 
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Figure S3. The poleward transport force can pivot k-fiber stubs. 
 
Time-lapse live images of GFP-α-tubulin PtK2 cells (GFP-α-tubulin, grayscale). After k-fiber 
ablation (‘X’), the k-fiber stub is transported to the incorrect, opposite pole. This behavior was 
observed after <5% of ablations. The k-fiber stub rapidly pivots 180 degrees until its minus-end 
(arrowheads) is leading, consistent with force generation at the minus-ends. The kinetochore 
whose k-fiber is ablated is marked by ‘*.’ Time is in min:sec, with frame captured immediately 
following ablation set to 00:00. Scale bars are 2 μm.  
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Figure S4. GFP-NuMA puncta are sometimes visible before they start moving 
poleward. 
 
Change in distance of GFP-NuMA puncta from ablation site as puncta move processively 
poleward following ablation. Ten individual responses with a non-zero delay time are displayed 
here (blue traces), and they are spread out along the y-axis to make their features visible. The 
variable delay between NuMA detection and poleward movement likely reflects the time needed 
for the stochastic recruitment of force generation factors (either motor or track) to new minus-
ends. In some cases, GFP-NuMA puncta remain stationary for up to 40 s before they move 
poleward. Time is set to 0 at the first frame following ablation. Subset of data in Figure 5G. 
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Figure S5. GFP-Arp1A and mCherry-NuMA co-localize upon creation of new 
minus-ends and move together to poles. 
 
(A, C, and E) Representative time-lapse live images of PtK2 cells expressing both GFP-Arp1A 
and mCherry-NuMA. (A) GFP-Arp1A and (C) mCherry-NuMA (white arrowheads) are 
recruited to the site of ablation (red ‘X’) within seconds and co-localize (E, merge) as they move 
poleward. Scale bars are 2 µm. 
 
(B, D, and F) Kymographs of (B) GFP-Arp1A, (D) mCherry-NuMA, and (F) merge along 
poleward path shown as dashed lines in (A), (C), and (E). 
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Materials and methods 
Cell culture and transfection 
PtK2 GFP-α-tubulin cells (stable line expressing human α-tubulin in pEGFP-C1, Clontech; gift 
from A. Khodjakov, Wadsworth Center, Albany, NY)78 and PtK2 cells were cultured in MEM 
(Invitrogen) supplemented with sodium pyruvate (Invitrogen), nonessential amino acids 
(Invitrogen), penicillin/streptomycin, and 10% qualified and heat-inactivated fetal bovine serum 
(Invitrogen). Cells were plated on #1.5 25 mm coverslips (HCl-cleaned, poly-L-lysine coated), 
and imaged in Leibovitz’s L-15 medium with L-glutamine without phenol red (Invitrogen) with 
antibiotics and serum as for cell culture. PtK2 cells were transfected with mCherry-tubulin 
(human α-tubulin in pmCherry-C1, Clontech; gift from M. Davidson, Florida State University, 
Tallahassee, FL), GFP-NuMA(N1) (human NuMA in pEGFP-N1, Clontech; gift from D. 
Compton, Dartmouth Medical School, Hanover, NH)108, mCherry-NuMA (from GFP-
NuMA(N1); we replaced GFP with mCherry between AgeI and NotI sites), or GFP-Arp1A 
(human Arp1A in a pBABE variant, Addgene 4432; gift from I. Cheeseman, Whitehead Institute 
Cambridge, MA)109 using Fugene6 (Promega), and imaged 36-48 h post-transfection. 
 
Drug treatment  
To make monopolar spindles, S-trityl-L-cysteine (STLC, Sigma) was added to cells in MEM (see 
paragraph above) 20 min before imaging at 5 μM (10 mM DMSO stock). Cells were imaged in 
L-15 (see paragraph above) containing 5 μM STLC. To probe bipolar spindles with inhibited 
Eg5, we added 5 µM STLC after spindle formation, which preserves bipolarity110. 
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Dynein perturbation 
To perturb dynein via dominant negative overexpression, DsRed-p150217-548 (amino acids 217-
548 of chicken p150 in pDsRed-N1, Clontech; gift from T. Schroer, Johns Hopkins University, 
Baltimore, MD)90 was transfected with Fugene6 72-96 h before imaging. Dynein-inhibited cells 
were identified via DsRed fluorescence and spindle morphology: cells with fragmented, 
multipolar spindles90 indicative of dynein loss of function were specifically selected. We mildly 
compressed111 some of the dynein-inhibited spindles imaged (including the one in Figure 3) to 
keep them in focus and to increase contact probabilities between new minus-ends and 
neighboring microtubules. Both k-fiber and non-k-fiber bundles were laser ablated.  
 
Immunofluorescence 
For immunofluorescence of individual cells following ablation, cells were live-imaged on 
coverslips photo-etched with a labeled grid (Fisher Sci). After ablation, cells were fixed in 95% 
methanol with 5 mM EGTA for 3 min. The time between laser ablation and fixation was usually 
approximately 30 s, but could be as fast as 15 s. The following antibodies and dyes were used: 
mouse anti-α-tubulin DM1α (1:1000, Sigma), rabbit anti-NuMA (1:300, Novus Biologicals), 
mouse anti-p150-Glued (1:500, BD Biosciences), human anti-centromere protein (CREST, 1:25, 
Antibodies, Inc.), mouse anti-α-tubulin DM1α conjugated to Alexa488 (1:50, Cell Signaling), 
fluorescent secondary antibodies (1:500, Invitrogen), and Hoescht 33342 (Sigma). After staining, 
we identified the ablated cell using the coverslip grid. 
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Imaging and laser ablation 
Live imaging was performed on a Nikon Eclipse Ti-E inverted microscope with a Yokogawa 
CSU-X1 spinning disk confocal, head dichroic Semrock Di01-T405/488/561GFP (except Di01-
T488 for GFP-NuMA-only, GFP-Arp1A-only, Figure 1F), 488 nm (120 mW) and 561 nm 
(150mW) diode lasers, emission filters Chroma ET525/36M for GFP (except ET500LP for GFP-
NuMA-only, GFP-Arp1A-only, Figure 1F) or ET630/75M for mCherry, and an Andor iXon3 
camera. Cells were imaged by phase contrast (400-500 ms exposures) and fluorescence (75-500 
ms exposures) every 3.5-14 s with a 100X 1.45 Ph3 oil objective through a 1.5X lens yielding 105 
nm/pixel at bin=1 (Metamorph 7.7.8.0, MDS Analytical Technologies). Figure 5C and S5 were 
collected at bin=2. Cells were imaged at 29-31°C in a homemade heated aluminum coverslip 
holder, using the Nikon Perfect Focus System. Targeted laser ablation (several 3 ns pulses at 20 
Hz) using 551 nm (if only GFP imaged) or 514 nm (if GFP and mCherry imaged) light was 
performed using a galvo-controlled MicroPoint Laser System (Photonic Instruments) operated 
through Metamorph. Based on fluorescence imaging, we estimate the diameter of the ablation 
site at approximately 1 μm. K-fiber ablation was verified by observed loss of mechanical tension 
across the centromere, depolymerization of the uncapped microtubule plus end, and free re-
orientation of the severed k-fiber stub following ablation (Figure 1B). For cells fixed post-ablation, 
loss of tubulin staining at the ablation site confirmed k-fiber and non-k-fiber severance (Figure 4). 
 
Data analysis 
Chromosome position data were generated by manual tracking of k-fiber plus ends, ablation 
sites, and spindle poles in live-imaged GFP-α-tubulin PtK2 cells, using overlaid GFP-α-tubulin 
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and phase contrast time-lapse videos in a home-written Matlab (R2012a Version 7.4) program. 
As controls, we also tracked neighboring k-fiber plus ends (of unmanipulated chromosomes in 
metaphase and monopolar spindles, and of the paired sister chromatids in anaphase spindles). 
We manually selected the start and end times of the poleward transport response (for ablated k-
fibers) or the first poleward movement post-ablation (for control chromosomes) by examining 
plots of k-fiber plus end position over time and choosing the segment over which poleward 
motion was processive, and we used these times and positions to calculate mean speeds. We 
calculated the delay times as the difference between the first frame after ablation and the first 
frame of this sustained poleward response. For non-k-fibers, we manually tracked the position of 
their new minus-ends as long as possible. 
Line scan analysis of immunofluorescence co-localization was performed using the plot 
profile function of ImageJ with a line width of 1 pixel. 
Kymographs of GFP-Arp1A and GFP-NuMA puncta and pole position over time were 
generated in ImageJ. A second home-written Matlab program generated fluorescence intensity 
line scans for each frame from the kymograph. Using each sequence of line scans, the peaks 
indicating the positions of GFP-Arp1A/GFP-NuMA puncta and the spindle pole were manually 
selected, with the intensity maxima of these peaks used to indicate puncta positions. We defined 
the initial recruitment time of GFP-Arp1A/GFP-NuMA puncta as the first frame in which a 
clear peak was visible in the line scan. We continued to track puncta until their intensity peaks 
could not be clearly separated from those of the spindle poles. To calculate the distance of these 
peak positions from the ablation sites, we used the ablation targeting coordinates from 
Metamorph. For comparing the intensity of GFP-NuMA puncta recruited to sites of ablation to 
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other puncta, we calculated the fold-difference in the mean integrated intensity of at least 4 
puncta in each cell at sites/times without ablation and the integrated intensity of puncta recruited 
following ablation. 
Data are expressed as mean ± standard error of the mean (SEM). Calculations of 
correlation coefficients (Pearson’s r) and p-values were performed in Matlab. For calculating 
mean traces in Figure 5G, data from all traces were collected into 10 s wide bins in time and the 
mean position within this bin was calculated. 
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Chapter 3: NuMA recruits dynein activity to 
microtubule minus-ends at mitosis 
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Abstract 
To build the spindle at mitosis, motors exert spatially regulated forces on microtubules. 
We now know that dynein pulls on mammalian spindle microtubule minus-ends (Chapter 2), and 
this localized activity at ends is predicted to allow dynein to cluster microtubules into poles. How 
dynein becomes enriched at minus-ends is not known. In this chapter, we use quantitative 
imaging and laser ablation to show that NuMA targets dynactin to minus-ends, localizing dynein 
activity there. NuMA is recruited to new minus-ends independently of dynein and more quickly 
than dynactin; both NuMA and dynactin display specific, steady-state binding at minus-ends. 
NuMA localization to minus-ends involves a C-terminal region outside NuMA’s canonical 
microtubule-binding domain, and is independent of minus-end binders g-TuRC, CAMSAP1, 
and KANSL1/3. Both NuMA’s minus-end-binding and dynein-dynactin-binding modules are 
required to rescue focused, bipolar spindle organization. Thus, NuMA may serve as a mitosis-
specific minus-end cargo adaptor, targeting dynein activity to minus-ends to cluster spindle 
microtubules into poles.   
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Introduction 
Each time a cell divides, molecular motors help remodel the microtubule cytoskeleton 
into a bipolar assembly of microtubules called the spindle. The spindle’s bipolar architecture is 
essential to its function – accurate chromosome segregation. In mammalian spindles, microtubule 
plus-ends mechanically couple to chromosomes, while microtubule minus-ends are focused into 
two poles that dictate where chromosomes are transported at anaphase. To build the spindle’s 
architecture, motors must exert spatially regulated forces on microtubules. Microtubule ends 
offer platforms for such localized regulation, since they are structurally distinct. Indeed, motor 
recruitment and activity at plus-ends is well-documented112, but motor regulation at minus-ends 
is less well understood. 
 Dynein is a minus-end-directed motor which slides parallel spindle microtubules to focus 
their minus-ends into spindle poles32,34, working in complex with its adaptor dynactin and the 
microtubule-binding protein NuMA33,35. The clustering of parallel microtubules into poles 
presents a geometric problem when forces are indiscriminately applied all along microtubules: 
inversely-oriented motors between parallel microtubules will oppose each other, resulting in 
gridlock, unless symmetry is broken by dynein enrichment at microtubule minus-ends73,75,113. In 
computational models, localizing a minus-end-directed motor at microtubule ends permits 
microtubule clustering into asters or poles73,74,114,115 and the emergence of a robust steady-state 
spindle length31. More recently, the experimental work in Chapter 2 showed that dynein-
dynactin and NuMA do indeed selectively localize to spindle minus-ends, with dynein pulling on 
them after kinetochore-fiber (k-fiber) ablation in mammalian spindles116,117. This is consistent 
with suggestions that dynein and NuMA capture and pull on distal k-fiber minus-ends in 
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monopolar spindles78. Altogether, these findings demonstrate the importance (in silico) and 
existence (in vivo) of localized dynein activity at spindle microtubule minus-ends.  
 How dynein becomes localized at minus-ends remains an open question. Dynein may be 
enriched near minus-ends because it walks toward them on microtubules and piles up when it 
runs out of track; indeed, pile-up of dynein has been observed at minus-ends in vitro50,51 and can 
drive minus-end clustering52. Alternatively, the exposed a-tubulin interface at minus-ends is 
structurally distinct and could bind an adaptor protein that specifically recruits dynein, analogous 
to recruitment at canonical dynein cargoes like organelles53. NuMA can target dynein-dynactin 
to the cell cortex54,55 and thus could be one such adaptor. However, in vitro NuMA has shown no 
direct affinity for minus-ends specifically, binding all along the microtubule lattice56-58 or at both 
ends59, unlike three proteins known to interact directly with minus-ends at mitosis: g-TuRC27, 
CAMSAP160-62 and KANSL1/363. In cells, NuMA is thought to require dynein activity to carry 
it to minus-ends and spindle poles40, where it anchors spindle microtubules41-43,45. Thus, it 
remains unclear whether dynein-dynactin and NuMA have specific binding sites at minus-ends, 
and if so, whether they are recruited by known minus-end binders. Finally, knowing how dynein 
is targeted to minus-ends would make it possible to test the in vivo role of minus-end-localized – 
compared to indiscriminately-localized – forces in spindle organization. 
In this chapter, we use laser ablation in cells to create new, isolated minus-ends in the 
mammalian spindle, and quantitative imaging to map protein recruitment to these ends and its 
mechanistic basis. We demonstrate that NuMA binds at minus-ends independently of dynein, 
and that NuMA targets dynactin – and thereby dynein activity – to spindle minus-ends. This 
challenges the prevailing model that dynein delivers NuMA to spindle minus-ends and poles36,40. 
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NuMA localization to minus-ends is independent of known direct minus-end binders g-TuRC, 
CAMSAP1, and KANSL1/3, and it involves both NuMA’s canonical microtubule-binding 
domain and an additional region of its C-terminus. Thus, NuMA – which is sequestered in the 
nucleus at interphase39 – may serve as a mitosis-specific minus-end cargo adaptor, recruiting 
dynein activity to spindle minus-ends. Both NuMA’s minus-end-binding domain and dynactin-
binding domain are required for correct spindle architecture, supporting long-standing in silico 
predictions that localizing dynein to minus-ends enables effective clustering of parallel 
microtubules into poles. These findings identify a mechanism for mitosis-specific recruitment of 
dynein to microtubule minus-ends and, more broadly, illustrate how spatial regulation of local 
forces may give rise to larger-scale cytoskeletal architectures.  
 
  
61 
 
 
Results 
Dynactin and NuMA display mitosis-specific, steady-state binding at microtubule minus-ends. 
To visualize the spatial targeting of the dynein-dynactin complex to microtubule minus-
ends – which are normally buried in dense mammalian spindles – we used nocodazole washout 
and laser ablation to create resolvable minus-ends in mitotic cells. First, to determine whether 
dynein-dynactin and NuMA localize to individual microtubule minus-ends, we treated 
mammalian PtK2 and RPE1 cells with the microtubule-depolymerizing drug nocodazole and 
fixed cells 6-8 min after drug washout to capture acentrosomal microtubules with clearly visible 
plus- and minus-ends (Figure 1A). p150Glued (p150, a dynactin subunit) and NuMA strongly co-
localized at one end of these individual microtubules (Figure 1A), with a clear binding preference 
for minus-ends over the microtubule lattice or the plus-end when polarity was marked by EB1 
(Figure 1B). Interestingly, in prophase cells before nuclear envelope breakdown, p150 localized 
predominantly to plus-ends rather than minus-ends (Figure 1B; Figure S1), consistent with 
dynactin’s interphase localization118. Thus, nuclear envelope breakdown (NEB) confers 
dynactin’s preference for minus-ends, suggesting regulated, mitosis-specific spatial targeting. 
Second, we sought to test whether dynactin and NuMA have finite binding sites at minus-
ends by measuring the kinetics of their recruitment. To do so, we used laser ablation of k-fibers in 
PtK2 cells to create new minus-ends within the spindle body (Figure 1C-E). By spatially and 
temporally synchronizing the creation of a bundle of minus-ends, laser ablation allowed for 
dynamic measurements of the recruitment to minus-ends of GFP-tagged dynactin (Arp1A) and 
NuMA and comparison to a direct minus-end binding protein, CAMSAP1. High dynein 
background in the cytoplasm prevented accurate recruitment kinetics measurements of the motor 
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itself. Dynactin, NuMA, and CAMSAP1 robustly recognized new microtubule minus-ends 
within the spindle (Figure 1C-E). The kinetics of dynactin and NuMA recruitment to minus-ends 
were distinct from CAMSAP1, which reached a max intensity after approximately 5-10 s, but 
then decreased in intensity as if its binding sites at the minus-end were gradually obstructed 
(Figure 1E-G). Unlike CAMSAP1, dynactin and NuMA intensities reached a stable plateau, 
suggesting that binding saturates, reaching a steady-state. This finite binding is consistent with a 
truly end-specific localization (rather than localization along the unbounded lattice near the 
minus-end). In addition, the rate of NuMA or dynactin accumulation at new minus-ends did not 
correlate with the length of k-fiber stubs created by ablation (Figure 1H), which could indicate 
that recruitment rate is set by the number of individual microtubule minus-ends (which is similar 
across k-fibers119) rather than k-fiber length.  
Interestingly, NuMA intensity at new minus-ends increased at a faster rate and saturated 
sooner than dynactin (Figure 1F,G). This observation hints at a model in which NuMA targets 
dynein-dynactin to minus-ends, and it is less easily consistent with the idea that dynein delivers 
NuMA to minus-ends. If true, this hypothesis would explain why dynactin’s minus-end 
preference arises after NEB, when NuMA is released from the nucleus into the mitotic 
cytoplasm. 
 
NuMA localizes to minus-ends independently of dynein.  
The finding that NuMA localizes to minus-ends more quickly than dynactin could suggest 
that NuMA directly or indirectly recognizes the exposed a-tubulin structure of minus-ends and 
subsequently recruits dynein-dynactin (‘Structural Recognition,’ Figure 2A). Alternatively, 
63 
 
 
dynein-dynactin could walk toward minus-ends, carrying NuMA, and pile up or dwell there 
(‘Walk and Pile-up,’ Figure 2B). To test the ‘Walk and Pile-up’ model, we inhibited dynein-
dynactin in PtK2 spindles by over-expressing p50 (dynamitin), resulting in fully unfocused k-fiber 
arrays (Figure 2C). The ‘Walk and Pile-up’ model predicts that in the absence of dynein-dynactin 
transport, NuMA – which requires dynactin for its interaction with dynein40 – should not reach 
minus-ends. Instead, GFP-NuMA was robustly recruited to minus-ends created by k-fiber 
ablation (Figure 2C), indicating that NuMA can localize to minus-ends independently of dynein 
activity. Similarly, NuMA was recruited to ablation-created minus-ends when dynein was 
inhibited by p150-CC1 over-expression (Figure S2A,B). Thus, NuMA localizes to minus-ends 
without dynein carrying it there – consistent with early observations in extract asters and 
spindles33,43 but in contrast to the prevailing view that dynein delivers NuMA to minus-ends36,40. 
Slower NuMA accumulation kinetics after p50 overexpression suggest that dynein-dynactin-
NuMA complex formation may aid rapid NuMA recruitment, but dynein ‘Walk and Pile-up’ 
alone cannot explain NuMA’s minus-end affinity (Figure 2D,E).  
 To confirm that NuMA localizes to minus-ends even after genetic dynein deletion, we 
used an inducible CRISPR/Cas9 HeLa cell line to knock out dynein’s heavy chain (DHC) 120. 
After dynein knockout (Figure S2C,D), both NuMA and dynactin localized robustly to k-fiber 
minus-ends (Figure 2F; Figure S2E,F). Together, these data indicate that NuMA can bind to 
minus-ends, either directly or indirectly, in the absence of dynein and are consistent with NuMA-
mediated recognition of minus-ends (‘Structural Recognition,’ Figure 2A). In addition, they 
suggest that NuMA may interact with and target dynactin to minus-ends even in the absence of 
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dynein, when dynein-dynactin complexes cannot form and dynein motility cannot deliver 
dynactin close to minus-ends.  
 
NuMA is required for dynein activity and dynactin localization at minus-ends.  
If NuMA does target dynein-dynactin to minus-ends, localizing force there, we would 
expect NuMA to be required for dynein to transport minus-ends created by k-fiber 
ablation116,117. To test this hypothesis, we made inducible CRISPR/Cas9 RPE1 cell lines to 
knock out NuMA (Figure S3)121,122. Indeed, when NuMA was knocked out – causing elongated, 
heterogeneously disorganized spindles with detached centrosomes – ablation-created minus-ends 
were no longer transported toward poles by dynein (Figure 3A-C). These data are consistent with 
a previous finding that NuMA antibody injection prevents distal k-fiber looping events in 
monopolar spindles, in which dynein likely pulls on free k-fiber minus-ends78. Thus, NuMA is 
required for dynein activity at spindle microtubule minus-ends. 
Dynein activity at minus-ends could require NuMA because NuMA modulates dynein-
dynactin’s ability to pull on microtubules, or because NuMA localizes dynein to minus-ends. 
Given the findings in Figures 1-2, we hypothesized that NuMA localizes dynein activity by 
recruiting dynactin to minus-ends. Indeed, after NuMA knockout, dynactin (GFP-Arp1A) was no 
longer detectable at k-fiber minus-ends created by laser ablation (Figure 4A). 
Immunofluorescence experiments confirmed that in the absence of NuMA, dynactin remained 
on the spindle but no longer localized to minus-ends (Figure 4B). Interestingly, dynein’s 
localization within the spindle (labeled using an antibody against dynein intermediate chain) was 
less minus-end-specific than dynactin’s, both before and after NuMA deletion (Figure 4C). 
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In addition, nocodazole washout experiments revealed that dynactin (p150) localization to 
individual microtubule minus-ends was lost upon NuMA deletion (Figure 4D). Instead, dynactin 
frequently co-localized with EB1 at plus-ends, similar to its interphase and pre-NEB localization 
pattern (Figure 4D; Figure 1B). Thus, the data indicate that NuMA is required for the transport 
of minus-ends by dynein because NuMA localizes to minus-ends and recruits dynactin there.  
 
NuMA localizes to minus-ends independently of known minus-end binders. 
How is NuMA targeted to minus-ends, independently of dynein? In vitro, canonical 
microtubule-binding regions of NuMA have shown no preference for minus-ends relative to the 
lattice or plus-end of purified microtubules56-59. Given this lack of minus-end-specific binding in 
vitro, we hypothesized that NuMA is indirectly recruited to spindle minus-ends by one of three 
known direct minus-end binders active at mitosis: g-TuRC27, CAMSAP160,61 (Figure 1; 
CAMSAP2 and 3 are phosphorylated at mitosis and no longer interact with microtubules60), and 
KANSL1/363. To test this hypothesis, we treated RPE1 cells with 30 µM gatastatin to block g-
TuRC binding123 (Figure 5A; Figure S4A,B). We also made inducible CRISPR/Cas9 RPE1 cell 
lines to knock out CAMSAP1 or KANSL1 (Figure S4C,D), as KANSL1 depletion has been 
shown to delocalize the entire KANSL complex63. CAMSAP1 knockout caused a small reduction 
in spindle length (Figure S5E), consistent with the spindle minus-end protecting function ascribed 
to its Drosophila homolog, Patronin28. To our surprise, however, none of these perturbations 
qualitatively altered NuMA localization at spindle poles (Figure 5A). To check for a subtler 
contribution of g-TuRC, CAMSAP1, or KANSL1 to NuMA localization at minus-ends, we 
performed k-fiber ablations after 30 µM gatastatin treatment, CAMSAP1 knockout, or KANSL1 
66 
 
 
knockout and quantified GFP-NuMA recruitment kinetics at new minus-ends. NuMA 
recruitment to new minus-ends remained robust, and recruitment timescales were statistically 
indistinguishable from control (Figure 5B-C). Thus, the data indicate that the direct mitotic 
minus-end binders g-TuRC, CAMSAP1, and KANSL1/3 are not responsible for NuMA’s 
localization to spindle microtubule minus-ends. 
Given this lack of involvement of direct minus-end binding proteins, we sought to confirm 
using super-resolution microscopy that NuMA specifically localizes at individual spindle 
microtubule minus-ends. Three-dimensional stochastic optical reconstruction microscopy (3D 
STORM124,125) of NuMA at k-fiber minus-ends created by ablation revealed organized clusters of 
NuMA puncta, rather than a lawn of molecules along the lattice near the minus-end (Figure 5D-
G). The spacing between puncta was consistent with the distance between individual 
microtubules within k-fibers (Figure 5H) as measured by electron microscopy in the same cell 
type (PtK2)23, supporting the idea that these NuMA puncta are built on individual microtubule 
minus-ends. A yet undiscovered minus-end binding protein may recruit NuMA; alternatively, 
NuMA may have direct minus-end-specific binding ability that has not been recapitulated in vitro. 
 
NuMA function requires both minus-end-recognition and dynactin-recruitment modules.  
To define the NuMA domain required for spindle minus-end localization, we performed 
rescue experiments with different NuMA truncations in the NuMA-knockout background (Figure 
6A). This avoids the C-terminus-mediated oligomerization126 with endogenous protein that can 
complicate interpretations of localization. In this NuMA-knockout background, full-length 
NuMA (‘FL’) localized to spindle minus-ends, as did a bonsai construct (‘N-C’) with most of the 
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central coiled-coil removed (Figure 6B). To our surprise, ‘N-C’ rescued spindle architecture as 
effectively as full-length NuMA, indicating that the extraordinary length of NuMA protein is not 
essential to its function in spindle structure (Figure 6C). Importantly, NuMA’s C-terminus (‘C’) 
alone localized to minus-ends even in the absence of endogenous full-length protein (Figure 6B). 
Its intensity at minus-ends was less striking than that of full-length or N-C protein at poles, likely 
because minus-ends are not as densely concentrated in disorganized spindles, and perhaps 
because NuMA’s N-terminus facilitates formation of higher order NuMA assemblies. However, 
the preference of NuMA ‘C’ for spindle ends was clear. Because dynein-dynactin interacts with 
NuMA’s N-terminus127, the minus-end localization of NuMA’s C-terminus provides further 
support for dynein-independent minus-end recognition. 
We sought to more closely define which sections within NuMA’s C-terminus (a.a. 1701-
2115) are involved in microtubule minus-end localization. The second half of the C-terminus (‘C-
tail2’, a.a. 1882-2115), which contains residues previously implicated in NuMA-microtubule 
interactions56,57,128,129, localized all along spindle microtubules with no minus-end preference 
(Figure 6B). Similarly, C-tail2A (a.a. 1882-1981) bound along the lattice, while C-tail1 (a.a. 1701-
1881) did not bind microtubules (Figure S5). However, in combination (‘C-tail1+2A’, a.a. 1701-
1981) they localized at minus-ends (Figure 6B). Indeed, the C-tail1+2A region was sufficient for 
recruitment to new minus-ends created by ablation, even in the absence of endogenous NuMA 
(Figure 6D). Which pieces of the tail1+2A region are specifically required for minus-end 
localization, and what they each do, will require further dissection. Interestingly, related NuMA 
residues were recently shown to bind at both plus- and minus-ends and play a role in spindle 
orientation59. In sum, our data indicate that NuMA’s localization to spindle microtubule minus-
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ends is independent of dynein, independent of known direct minus-end binding proteins, and 
mediated by its C-terminal residues 1701-1981 (‘C-tail1+2A’).  
Importantly, NuMA’s C-terminus (‘C’) localized to minus-ends but could not rescue 
proper pole focusing or spindle architecture, unlike full-length protein or N-C (Figure 6C). This 
suggests that NuMA’s function in spindle organization requires both minus-end binding (via its 
C-terminus) and the ability to recruit dynactin to minus-ends (via its N-terminus)127. Consistent 
with this hypothesis, NuMA’s C-terminus (‘C’) was unable to recruit dynactin to minus-ends, 
while its N-terminus and C-terminus fused (‘N-C’) did (Figure 6E; Table 1).  
To test whether recruiting dynein-dynactin to the sides of microtubules was sufficient for 
proper microtubule clustering into poles, we fused NuMA’s N-terminus to the Tau microtubule-
binding domain (‘N-Tau’). N-Tau localized along the length of spindle microtubules and 
recruited dynactin there (Figure 6E). Despite combining dynein-dynactin binding and 
microtubule lattice binding, N-Tau was not enriched at minus-ends and was unable to rescue 
spindle architecture (Figure 6C; Table 1).  
Like a traditional cargo adaptor, NuMA may target force to spindle minus-ends using a 
cargo (minus-end) binding module (‘C’) and a dynactin-recruitment module (‘N’). Furthermore, 
the inability of N-Tau to rescue spindle architecture in the absence of endogenous NuMA 
suggests that specifically targeting dynein-dynactin to minus-ends, not just all along spindle 
microtubules as N-Tau does, is critical for organizing a focused, bipolar spindle. 
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Discussion 
NuMA targets dynactin to minus-ends, spatially regulating dynein activity at mitosis.  
Our data indicate that NuMA localizes to spindle microtubule minus-ends independently of 
dynein and minus-end binding proteins g-TuRC, CAMSAP1, and KANSL1/3. NuMA then 
targets dynactin to minus-ends, localizing dynein motor activity there. In addition, targeting 
dynein to the end of its track could permit amplification by motor pile-up, as NuMA at minus-
ends captures processive dynein complexes. Altogether, our findings are consistent with a model 
in which NuMA confers minus-end targeting of the dynein-dynactin complex upon nuclear 
envelope breakdown (NEB), when NuMA is released from the nucleus. Indeed, active 
microtubule clustering by dynein is first observed coincident with NEB77. Thus, NuMA may 
provide both spatial (minus-end-specific) and temporal (mitosis-specific) regulation of dynein-
powered force (Figure 7A). 
The data also indicate that NuMA’s minus-end localization at mitosis is mediated by the 
tail1+2A region of its C-terminus, while previously identified microtubule-binding domains 
tail2A or tail2B56,57,128 are not sufficient. We propose three hypotheses for tail1+2A-mediated 
minus-end recognition. First, a yet-unidentified minus-end binding protein or the minus-end-
directed kinesin HSET33,130 could localize NuMA via an interaction that requires this longer 
segment of the NuMA tail. During the preparation of this manuscript, ASPM was identified as a 
novel mammalian spindle minus-end binder, but ASPM deletion does not affect NuMA 
localization131. Second, NuMA may recognize both plus- and minus-ends via microtubule 
curvature sensing, as previously proposed59, and yet be actively excluded from plus-ends within 
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the spindle by other proteins. Third, NuMA tail1+2A may bind minus-ends directly in cells, 
perhaps using post-translational modifications 128,132-134 not previously recapitulated in vitro.  
 
Function of force at spindle microtubule minus-ends. 
 Models of spindle assembly in silico predict that enriching a minus-end-directed motor at 
microtubule ends can break gridlock between parallel microtubules and allow robust minus-end 
clustering into poles31,73,113,114. However, a lack of mechanistic information and tools made it 
difficult to test such hypotheses in vivo. The present study reveals a mechanism for direct 
recruitment of the motor to minus-ends, via NuMA, and is consistent with the prediction that 
targeting dynein-dynactin to the sides of microtubules is not sufficient for robust spindle 
organization. Both the minus-end-binding module (‘C’) and dynein-dynactin-binding module 
(‘N’) of NuMA are required for bipolar focusing, while the distance between them is not critical 
for function. Fusing the dynein-dynactin-binding module to the Tau microtubule binding 
domain is not sufficient, suggesting a requirement for minus-end-specific forces (Figure 6; Table 
1). However, we cannot formally exclude that features of the NuMA C-terminus (missing from 
‘N-Tau’) other than minus-end binding enable rescue of pole focusing, or that while N-Tau 
recruits dynactin (Figure 6D), it cannot effectively couple to dynein. Altogether, the work is 
consistent with a model for mammalian spindle organization in which targeting poleward force 
to microtubule minus-ends (by NuMA-mediated dynactin recruitment) is critical for organizing 
microtubules into a focused, bipolar array (Figure 7B). More broadly, the emergence of pole 
architecture at mitosis illustrates how spatial regulation of molecular-scale activities (like NuMA 
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localizing dynein activity at individual minus-ends) can give rise to complex and diverse cellular-
scale structures. 
 
NuMA as mitotic dynein adaptor or activator. 
The data suggest that NuMA in the mammalian spindle body may function as a 
traditional cargo adaptor, with a cargo (minus-end)-binding module and a motor-binding 
module. In the spindle body context, microtubule minus-ends are the cargo, just as the cortex 
can be framed as cargo for cortical dynein – analogous to more canonical interphase cargo like 
membranous vesicles or organelles. This framework raises the question of whether NuMA 
additionally serves as a dynein activator, inducing highly processive motility like interphase 
dynein adaptors can51,135.  
Dynein’s localization in mammalian mitosis is more ubiquitous than that of dynactin 
(Figure 4C; Figure S2C); high cytoplasmic levels of dynein prevented us from detecting clear 
dynein enrichment at ablation-created minus-ends, for example (data not shown), and dynein 
localization is not as altered by NuMA knockout as dynactin localization (Figure 4C). These 
observations could be explained if NuMA and dynactin at minus-ends selectively activate dynein 
there – through a conformational shift that renders the motor more processive, for example – 
rather than simply selectively localizing it there. In other words, dynein’s localization within the 
spindle body may be less tightly regulated than its activity. The loss of dynein activity at minus-
ends observed after NuMA knockout (Figure 3C) may stem from a lack of dynein activation 
(without NuMA and dynactin present at minus-ends) rather than a lack of dynein enrichment. 
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Unlike known dynein activators, NuMA is thought to not only homodimerize but also 
oligomerize into higher order assemblies126,136. NuMA’s oligomerization ability suggests that it 
could assemble teams of motors and invites a comparison to motor-clustering in microdomains 
on large cellular cargoes, like phagosomes137. The increased force and processivity provided by 
teams of NuMA-dynactin-dynein complexes on mitotic minus-ends could enable transport and 
clustering of minus-ends despite high loads and friction created by dense microtubule 
crosslinking and – in the case of k-fiber minus-ends – coupling to chromosomes. 
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Figures and figure legends 
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Figure 1. Dynactin and NuMA display specific, steady-state binding at mitotic 
minus-ends. 
See also Figure S1.  
 
(A) Representative immunofluorescence image showing co-localization of NuMA (green) and 
p150 (dynactin subunit; cyan) at microtubule minus-ends in mitotic PtK2 cells (post-NEB) fixed 
after washout of 5 µM nocodazole. Scale bar, 10 µm. Inset: zoom of white box, with 1 µm scale 
bar. 
 
(B) Representative immunofluorescence images of mitotic RPE1 cells, processed as in (A). After 
nuclear envelope breakdown (post-NEB), EB1 (green) and p150 (cyan) localize to opposite 
microtubule ends. In prophase cells (pre-NEB), p150 instead co-localizes with EB1 at plus-ends. 
Dashed white circles highlight ends. Scale bar, 1 µm. Graph displays mean percentage ± SEM of 
p150 at each location within one cell for n = 72 microtubules, 8 cells (pre-NEB); n = 57 
microtubules, 16 cells (post-NEB). 
 
(C-E) Representative time-lapse live images and kymographs of PtK2 cells expressing (C) GFP-
Arp1A, (D) GFP-NuMA, or (E) GFP-CAMSAP1. Arp1A, NuMA, and CAMSAP1 are all 
recruited to k-fiber minus-ends (arrowheads) created by ablation (‘X’s) and move with them as 
dynein pulls them poleward116. Time is in min:sec, with the frame captured immediately 
following ablation set to 00:00. ‘*’ marks plus-end of ablated k-fiber, and ‘o’ marks its sister. Scale 
bar, 5 µm. Kymographs (right) are along poleward paths (dashed lines).  
 
(F) Plot of mean normalized GFP intensity and SEM (shading) over time at ablation-created 
minus-ends for GFP-Arp1A, GFP-NuMA, and GFP-CAMSAP1. Time = 0 s at the first frame 
following ablation. n = 10 ablations, 7 cells (Arp1A); n = 18 ablations, 7 cells (NuMA); n = 13 
ablations, 7 cells (CAMSAP1). 
 
(G) Time from ablation to half maximum GFP intensity, calculated for each individual ablation 
(see Methods) and then averaged for data in (F). Error bars show SEM. p values calculated by 
Tukey post hoc test after one-way ANOVA (F(2,38) = 9.26, p = 0.0005). 
 
(H) Time to half-maximum GFP-Arp1A or GFP-NuMA intensity at ablation-created minus-ends 
as a function of length of ablation-created k-fiber stubs. Correlation coefficient = -0.62, p = 0.06, 
n = 10 (Arp1A); correlation coefficient = 0.44, p = 0.07, n = 18 (NuMA). 
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Figure 2. NuMA can localize to minus-ends independently of dynein. 
See also Figure S2. 
 
(A-B) Models for targeting dynein to minus-ends. Model A, Structural Recognition: Cytoplasmic 
molecules may recognize the exposed a-tubulin interface at minus-ends and recruit dynein.  
Model B, Walk and Pile-up: Minus-end-directed dynein may walk to minus-ends and pile up.  
 
(C) Representative time-lapse live images and kymograph of PtK2 cell expressing GFP-NuMA, 
in which dynein-dynactin is inhibited by overexpression of p50 (dynamitin). K-fibers are 
unfocused and splayed, but NuMA is still robustly recruited to k-fiber minus-ends (arrowheads) 
created by ablation (‘X’). Time is in min:sec, with frame captured immediately following ablation 
set to 00:00. ‘*’ marks plus-end of ablated k-fiber, and ‘o’ marks its sister. Scale bars, 5 µm. 
Kymograph (right) taken along dashed line path. 
 
(D) Plot of mean normalized GFP-NuMA intensity and SEM (shading) over time at ablation-
created minus-ends. Time = 0 s at the first frame following ablation. n = 18 ablations, 7 cells for 
control; n = 14 ablations, 8 cells for dynein-inhibited (p50 overexpression). 
 
(E) Time from ablation to half maximum GFP-NuMA intensity, calculated for each individual 
ablation (see Methods) and then averaged for data in (D). Error bars show SEM. 
 
(F) Representative immunofluorescence images of inducible-Cas9 dynein heavy chain (DHC)-
knockout HeLa cells120 showing robust localization of NuMA and p150 (dynactin) at minus-ends 
when DHC is deleted. Scale bar, 5 µm. 
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Figure 3. NuMA is required for force generation at minus-ends. 
See also Figure S3.   
 
(A) Representative time-lapse live images of RPE1 cell in which NuMA has been knocked out 
using an inducible Cas9 system. GFP-CAMSAP1 is expressed to label minus-ends. After ablation 
(‘X’), the k-fiber minus-end (arrowhead) is not transported poleward by dynein and remains 
detached from the spindle. Time is in min:sec, with the frame captured immediately following 
ablation set to 00:00 s. Plus-end of ablated k-fiber is marked by ‘*’. Scale bars, 5 µm. 
 
(B) Cartoon: In the absence of NuMA, force generation at ablation-created minus-ends is not 
observed. 
 
(C) Movement of ablation-created minus-ends (marked by GFP-CAMSAP1) relative to the pole. 
In control cells (green traces), minus-ends are transported toward the pole by dynein at consistent 
speeds, but this transport is lost when NuMA is knocked out (purple traces). n = 19 ablations, 8 
cells (control); n = 20 ablations, 6 cells (NuMA knockout).   
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Figure 4. NuMA recruits dynactin to mitotic minus-ends.  
 
(A) Representative time-lapse live images and kymograph of RPE1 cell in which NuMA has been 
knocked out using an inducible Cas9 system. 2xGFP-Arp1A recruitment was never observable at 
minus-ends (arrowheads) created by ablation (‘X’) (n = 16 ablations, 6 cells). Time is in min:sec, 
with frame captured immediately following ablation set to 00:00. Plus-end of ablated k-fiber is 
marked by ‘*’. Scale bars, 2 µm. Kymographs (right) taken along dashed line path. 
 
(B) Representative immunofluorescence images of control and NuMA-knockout RPE1 spindles, 
showing a loss of p150 (dynactin) at minus-ends in the absence of NuMA. Scale bars, 5 µm. 
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(C) Representative immunofluorescence images of control and NuMA-knockout RPE1 spindles. 
Dynein localizes along spindle microtubules in both conditions; its distribution is less noticeably 
altered by NuMA loss. Scale bars, 5 µm. 
 
(D) Representative immunofluorescence images of mitotic RPE1 cells (post-NEB) fixed after 
washout of 5 µM nocodazole, as in Figure 1A,B. In control cells, p150 (dynactin; purple) localizes 
to microtubule minus-ends, opposite EB1 (red). When NuMA is knocked out, p150 co-localizes 
with EB1 at plus-ends. Dashed white circles highlight ends. Scale bars, 2 µm. Graph displays 
mean percentage ± SEM of p150 at each location within each cell, for n = 72 microtubules, 8 
cells (control); n = 72 microtubules, 11 cells (NuMA knockout). 
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Figure 5. NuMA localizes to minus-ends independently of known minus-end 
binding proteins.  
See also Figure S4. 
 
(A) Schematic of hypothesis that a minus-end binding protein recruits NuMA. Instead, 
representative immunofluorescence images show unchanged NuMA localization in control RPE1 
cells and RPE1 cells in which direct mitotic minus-end binders are inhibited (30 µM gatastatin to 
inhibit g-tubulin) or knocked out (CAMSAP1, KANSL1). Scale bar, 5 µm. 
 
(B) Plot of mean normalized GFP-NuMA intensity and SEM (shading) over time at ablation-
created minus-ends. Time = 0 s at the first frame following ablation. n = 18 ablations, 7 cells 
(control); n = 9 ablations, 8 cells (+gatastatin); n = 10 ablations, 5 cells (CAMSAP1 knockout); n = 
8 ablations, 4 cells (KANSL1 knockout).  
 
(C) Time from ablation to half maximum GFP-NuMA intensity was calculated for each 
individual ablation (see Methods) and then averaged for data in (B). Error bars show SEM. ‘n.s.’ 
indicates no statistically significant difference. One-way ANOVA: F(3,42) = 0.45, p = 0.72. 
 
(D-G) 3D STORM of NuMA at PtK2 k-fiber minus-ends created by ablation. (D) K-fibers were 
cut using ablation (red ‘X’), and cells were immediately fixed for immunofluorescence. Individual 
ablated spindles were imaged by spinning-disk confocal (E) and then by 3D STORM (F,G). In 
two right-most panels (G), structures are colored according to position in the Z-axis (red = + 300 
nm, blue = -300 nm). Scale bars: 5 µm in (D,E); 1 µm in (F); 100 nm in (G). 
 
(H) Distances between neighboring ‘nodes’ of NuMA (e.g., ‘*’ here and in (G)) are ~50-150 nm, 
consistent with measured spacing between individual microtubules within PtK2 k-fibers23. n = 32 
nodes, 4 ablations. 
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Figure 6. NuMA function requires both minus-end-recognition and dynactin-
recruitment modules. 
See also Table 1 and Figure S5. 
 
(A) Schematic maps of NuMA truncations and chimeras used. ‘FL’ indicates full-length NuMA. 
‘N-C,’ ‘C,’ ‘C-tail1,’ and ‘C-tail2’ are NuMA truncations as indicated. ‘N-Tau’ includes the 
microtubule binding domain of Tau (orange). Dynein-dynactin bind in the first 705 amino acids 
of NuMA 127. ‘C-tail2’ was previously implicated in microtubule (MT) binding56,57,128,129. 
 
(B) Representative immunofluorescence images showing localization of GFP-tagged NuMA 
truncations and chimeras expressed in RPE1 cells in which endogenous NuMA has been 
knocked out. Canonical microtubule binding domains in tail2 localize all along spindle 
microtubules, while the addition of tail1 to tail2A confers minus-end localization. Note that 
NuMA antibody does not recognize NuMA’s C-terminus and only weakly recognizes its N-
terminus. Scale bar, 5 µm. 
 
(C) Graph of the mean percentage of cells ± SEM for each condition from data in (B) that display 
bipolar spindles with focused poles (light gray) compared to disorganized spindle architecture 
characteristic of NuMA knockout (detached centrosomes, loss of two focused poles; dark gray). n 
= 19 (‘FL’); n = 32 (‘N-C’); n = 20 (‘C’); n = 16 (‘N-Tau’) from 3-5 independent experiments. p 
values calculated by Tukey post hoc test after one-way ANOVA (F(3,10) = 267, p < 0.00001). 
 
(D) Representative time-lapse live images and kymograph of RPE1 cell expressing GFP-C-
tail1+2A in a NuMA-knockout background. After ablation (‘X’), C-tail1+2A is recruited to k-
fiber minus-ends (arrowhead). The k-fiber stub slowly polymerizes, but its minus-end is not 
transported by dynein and remains detached from the spindle. Time is in min:sec, with the frame 
captured immediately following ablation set to 00:00 s. Scale bars, 2 µm. Kymograph (right) 
taken along dashed line path. 
 
(E) Representative immunofluorescence images showing localization of dynactin (p150) after 
NuMA knockout and rescue with GFP-tagged NuMA truncations and chimeras in RPE1 cells. 
Constructs containing NuMA’s N-terminus recruit p150. Scale bar, 5 µm. 
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Table 1. NuMA’s pole-focusing ability correlates with dynactin- and minus-end-
binding. See also Figure 6 and Figure S5. 
 
Knockout and rescue 
with NuMA version: 
Recruits 
dynactin 
Localizes to 
lattice 
Localizes to 
minus-ends 
Rescues pole 
focusing 
FL + - + + 
N-C + - + + 
N-Tau + + - - 
C - - + - 
C-tail1+2A n.d. - + - 
C-tail2 n.d. + - - 
 
n.d. = not done, but unlikely to associate with dynactin given that the full C-terminus does not. 
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Figure 7. Model: NuMA spatially targets dynein activity to minus-ends at mitosis 
to ensure minus-end clustering into poles. 
 
(A) Our findings suggest that NuMA confers minus-end targeting to the dynein-dynactin complex 
upon NEB, when NuMA is released from the nucleus. NuMA localization at minus-ends is 
mediated by a region of its C-terminus (amino acids 1701-1981, in red) that includes tail1 in 
addition to lattice-binding domain tail2A. NuMA targets dynactin to minus-ends, localizing 
dynein motor activity.  
 
(B) Model: Without minus-end targeting, dynein molecules acting on the red microtubule oppose 
each other, resulting in gridlock (left). NuMA-mediated targeting of force to minus-ends allows 
for productive clustering of the red microtubule into the pole (right). Altogether, the data support 
a model for mammalian spindle organization in which targeting poleward force to microtubule 
minus-ends specifically – by NuMA-mediated dynactin recruitment – provides robust clustering 
of microtubules into a focused, bipolar spindle. 
86 
 
 
Supplemental figures and figure legends 
 
Figure S1. Dynactin localization shifts from plus-ends to minus-ends upon nuclear 
envelope breakdown. 
Related to Figure 1.  
 
Immunofluorescence showing localization of p150 (dynactin subunit; magenta) and NuMA (red) 
within asters formed after washout of 5 µM nocodazole in RPE1 cells. Before nuclear envelope 
breakdown (pre-NEB), NuMA is sequestered in the nucleus and p150 is visible at aster plus-ends 
(arrowheads), facing outward. After nuclear envelope breakdown (post-NEB), both NuMA and 
p150 concentrate at aster centers (arrowhead) where minus-ends are. (Similar to Figure 1B, 
where individual microtubules in the cell periphery with resolvable plus- and minus-ends were 
analyzed instead of the asters we show here.) Scale bar, 5 µm. 
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Figure S2. NuMA localizes to minus-ends despite dynein inhibition or knockout. 
Related to Figure 2.  
 
(A) Live images of GFP-α-tubulin immediately before and after k-fiber ablation at targeted sites 
(red ‘X’s) in a PtK2 cell in which dynein cargo-binding is inhibited by transfection of the 
dominant negative p150-CC1 fragment90. Scale bar, 5 µm. 
 
(B) Immunofluorescence image of NuMA (magenta) and α-tubulin (yellow) in cell from (A), fixed 
after ablation. NuMA (arrowheads) localizes to new minus-ends. Scale bar, 5 µm. 
 
(C) Western blot showing > 65% depletion (normalized to a-tubulin) of dynein intermediate 
chain (DIC) protein at the cell population level after dynein heavy chain (DHC) depletion using 
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inducible-Cas9 DHC-knockout HeLa cells120. DIC depletion has been shown to correlate with 
DHC depletion138. Because knockout was heterogeneous across the population, dynein loss 
within individual cells chosen for analysis was always verified by immunofluorescence, as in (D), 
or by spindle phenotype. 
 
(D) Immunofluorescence images of inducible DHC-knockout HeLa cells show robust localization 
of NuMA at minus-ends after DHC knockout, in the absence of dynein (dynein intermediate 
chain; DIC). Scale bar, 5 µm. 
 
(E) Plot of mean normalized GFP-NuMA intensity and SEM (shading) over time at ablation-
created minus-ends in HeLa cells with and without dynein deletion (DHC KO). Time = 0 s at 
the first frame following ablation (‘X’). n = 12 ablations, 7 cells for control; n = 10 ablations, 8 
cells for DHC KO. 
 
(F) Time from ablation to half maximum GFP-NuMA intensity, calculated for each individual 
ablation (see Methods) and then averaged for data in (E). Error bars show SEM. 
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Figure S3. Inducible CRISPR/Cas9 NuMA knockout. 
Related to Figure 3.  
 
(A) Schematic of inducible CRISPR/Cas9 knockout system used121,122. Cell lines created have 
CRISPR/Cas9 and guide RNA stably integrated, but Cas9 expression is only induced upon 
doxycycline addition 4 days before imaging or analysis, allowing for genetic manipulation of 
essential mitotic genes. 
 
(B) Western blot showing > 90% depletion (normalized to actin) of NuMA protein at the cell 
population level after knockout. Whenever possible, complete NuMA loss within individual cells 
analyzed was verified by immunofluorescence. 
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Figure S4. Characterization of gatastatin treatment, CAMSAP1 knockout, and 
KANSL1 knockout. 
Related to Figure 5.  
 
(A) Mean spindle length ± SEM in control RPE1 cells compared to cells treated with 30 µM 
gatastatin (g-tubulin inhibitor) for 25 min. The mean length of gatastatin-treated spindles was 
reduced by 23%, very similar to previously reported measurements after g-tubulin inhibition123.  
n = 24 control cells; n = 25 gatastatin-treated cells from 3 separate experiments. 
 
(B) Microtubule re-growth assay in STLC-arrested monopolar spindles after cold treatment 
(bottom panels) shows that 30 µM gatastatin blocks g-TuRC’s ability to bind a-tubulin to 
nucleate microtubules. Because gatastatin specifically blocks g-tubulin binding, not a- or b-
tubulin, it does not depolymerize existing microtubule networks (top panels). Scale bar, 5 µm. 
 
(C-D) Western blot showing > 85% depletion (normalized to actin) of (B) CAMSAP1 and (C) 
KANSL1 protein at the cell population level after knockout (KO). Whenever possible, complete 
protein loss within individual cells analyzed was verified by immunofluorescence. 
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(E) Mean spindle length ± SEM in control RPE1 cells (no doxycycline added) and CAMSAP1 
knockout cells (after Cas9 induction by doxycycline). Complete CAMSAP1 loss was verified by 
immunofluorescence for all cells analyzed. n = 11 control cells; n = 12 CAMSAP1 knockout cells 
from one experiment. 
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Figure S5. NuMA ‘C-tail1’ and ‘C-tail2A’ alone do not localize to minus-ends. 
Related to Figure 6. 
 
(A) Schematic maps of additional NuMA C-terminal tail truncations. 
 
(B) Representative immunofluorescence images showing localization of GFP-tagged NuMA 
truncations expressed in RPE1 cells in which endogenous NuMA has been knocked out. C-tail1 
does not localize to microtubules and C-tail2A localizes all along spindle microtubules, while in 
combination (‘C-tail1+2A’, Figure 6) they localized at minus-ends. C-tail2B localizes to the 
cortex but not to microtubules. Scale bar, 5 µm. 
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Materials and methods 
Key Resources Table. 
Reagent type 
(species) or 
resource 
Designation Source or 
reference 
Identifiers Additional information 
cell line 
(Potorous 
tridactylus) 
(male) 
PtK2 T. 
Mitchiso
n 
ATCC 
Cat#CCL-
56; RRID: 
CVCL_0514 
kidney epithelial 
cell line (P. 
tridactylus) (male) 
PtK2 GFP-
tubulin 
PMID:  
12604591 
 kidney epithelial, stably 
expressing GFP-a-tubulin 
cell line (Homo 
sapiens) (female) 
RPE1 ATCC ATCC 
Cat#CRL-
4000; RRID: 
CVCL_4388 
retina, epithelial 
cell line (H. 
sapiens) (female) 
RPE1 NuMA 
knockout 
this paper   RPE1 with stably integrated 
spCas9 (Tet-On promoter) and 
NuMA sgRNA #2 
cell line (H. 
sapiens) (female) 
RPE1 
CAMSAP1 
knockout 
this paper   RPE1 with stably integrated 
spCas9 (Tet-On promoter) and 
CAMSAP1 sgRNA #1 
cell line (H. 
sapiens) (female) 
RPE1 KANSL1 
knockout 
this paper   RPE1 with stably integrated 
spCas9 (Tet-On promoter) and 
KANSL1 sgRNA #3 
cell line (H. 
sapiens) (female) 
HeLa dynein 
heavy chain 
(DHC) 
knockout 
PMID: 
28216383 
 cmk1a 
DYNC1H1 
sgD1.1 
RPE1 with stably integrated 
spCas9 (Tet-On promoter) and 
DHC sgRNA 
recombinant 
DNA reagent 
(plasmid) 
GFP-Arp1A I. 
Cheesem
an 
Addgene 
4432 
Progenitor: pBABE variant 
recombinant 
DNA reagent 
(plasmid) 
2xGFP-Arp1A this paper   Progenitor: GFP-Arp1A 
recombinant 
DNA reagent 
(plasmid) 
DsRed-p150217-
548  (CC1) 
PMID: 
12391026 
  Progenitor: pDsRed-N1 
(Clontech) 
recombinant 
DNA reagent 
(plasmid) 
mCherry-p50 PMID: 
19196984 
  Progenitor: mCherry-C1 
(Clontech) 
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Reagent type 
(species) or 
resource 
Designation Source or 
reference 
Identifiers Additional information 
recombinant 
DNA reagent 
(plasmid) 
GFP-
CAMSAP1 
PMID: 
24486153  
  Progenitor: pEGFP-C1 
(Clontech) 
recombinant 
DNA reagent 
(plasmid) 
GFP-NuMA PMID: 
15561764  
 Progenitor: pEGFP-N1 
(Clontech) 
recombinant 
DNA reagent 
(plasmid) 
GFP-
NuMA_resistan
t 
this paper  Progenitor: GFP-NuMA. 
Invisible to NuMA sgRNA #2.  
NM_006185.3 
recombinant 
DNA reagent 
(plasmid) 
GFP-NuMA 'N-
C' 
this paper  Progenitor: GFP-
NuMA_resistant 
recombinant 
DNA reagent 
(plasmid) 
GFP-NuMA 'C' this paper  Progenitor: GFP-
NuMA_resistant 
recombinant 
DNA reagent 
(plasmid) 
GFP-NuMA 'C-
tail1' 
this paper  Progenitor: GFP-
NuMA_resistant 
recombinant 
DNA reagent 
(plasmid) 
GFP-NuMA 'C-
tail2' 
this paper  Progenitor: GFP-
NuMA_resistant 
recombinant 
DNA reagent 
(plasmid) 
GFP-NuMA 'C-
tail2A' 
this paper  Progenitor: GFP-
NuMA_resistant 
recombinant 
DNA reagent 
(plasmid) 
GFP-NuMA 'C-
tail2B' 
this paper  Progenitor: GFP-
NuMA_resistant 
recombinant 
DNA reagent 
(plasmid) 
GFP-N-Tau this paper  Progenitors: GFP-
NuMA_resistant; pmEmerald-
MAPTau-C10 (M.Davidson) 
antibody anti-α-tubulin 
(DM1α; mouse)  
Sigma Sigma 
T6199 
IF (1:1000); WB (1:5000).  
RRID: AB_477583 
antibody anti-α-tubulin 
(DM1α; mouse) 
conjugated to 
AF488 
Cell 
Signaling 
Cell 
Signaling 
8058S 
IF (1:200).  RRID: 
AB_10860077 
antibody anti-α-tubulin 
(rabbit)  
Abcam Abcam 
ab18251 
IF (1:500). RRID: AB_2210057 
95 
 
 
Reagent type 
(species) or 
resource 
Designation Source or 
reference 
Identifiers Additional information 
antibody anti-NuMA 
(rabbit) 
Novus 
Biological
s 
Novus 
Biologicals 
NB500-174 
IF (1:400); WB (1:1000).  RRID: 
AB_10002562 
antibody anti-p150-
Glued (mouse) 
BD 
Bioscienc
es 
BD 
Biosciences 
610473 
IF (1:400). RRID: AB_397845 
antibody anti-dynein 
intermediate 
chain (mouse) 
Millipore Millipore 
MAB1618M
I 
IF (1:250); WB (1:250). RRID: 
AB_2246059 
antibody anti-EB1 
(rabbit) 
Santa 
Cruz 
Biotech 
Santa Cruz 
sc-15347 
IF (1:100). RRID: AB_2141629 
antibody anti-g-tubulin 
(rabbit) 
Sigma Sigma 
T3559 
IF (1:500). RRID: AB_477575 
antibody anti-KANSL1 
(rabbit) 
Abnova Abnova 
PAB20355 
WB (1:500). RRID: 
AB_10984400 
antibody anti-CAMSAP1 
(rabbit) 
Novus 
Biological
s 
Novus 
Biologicals 
NBP1-26645 
WB (1:500). RRID: 
AB_1852845 
antibody anti-GFP 
(camel) 
conjugated to 
Atto488 
Chromo
Tek 
ChromoTek 
gba-488 
IF (1:500). RRID: AB_2631434 
dye siR-tubulin Cytoskele
ton, Inc. 
Cytoskeleton 
Inc. CYSC-
002 
100 nM 
drug verapamil Cytoskele
ton, Inc. 
Cytoskeleton 
Inc. CYSC-
002 
10 µM 
drug gatastatin PMID: 
26503935 
   30 µM 
drug nocodazole Sigma Sigma 
M1404 
5 µM 
drug STLC Sigma Sigma 
164739 
10 µM 
sequence-based 
reagent 
NuMA sgRNA 
#1 
this paper    5'-
ATGACACTCCACGCCACC
CG-3' 
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*guide RNA expressed by cell line used for subsequent experiments, following initial verification 
of consistent spindle phenotypes. 
 
Cell culture and transfection. PtK2 cells were cultured in MEM (11095; Thermo Fisher, 
Waltham, MA) supplemented with sodium pyruvate (11360; Thermo Fisher), nonessential amino 
acids (11140; Thermo Fisher), penicillin/streptomycin, and 10% heat-inactivated fetal bovine 
serum (FBS) (10438; Thermo Fisher). RPE1 and HeLa cells were cultured in DMEM/F12 with 
GlutaMAX (10565018; Thermo Fisher) supplemented with penicillin/streptomycin and 10% 
FBS. For Tet-on inducible CRISPR-Cas9 cell lines, tetracycline-screened FBS (SH30070.03T; 
Reagent type 
(species) or 
resource 
Designation Source or 
reference 
Identifiers Additional information 
sequence-based 
reagent 
NuMA sgRNA 
#2* 
this paper   5'-
AAGTCCAGTCTCTCTGAC
AC-3' 
sequence-based 
reagent 
NuMA sgRNA 
#3 
this paper   5'-
ACAGCAAATCTTGAAGCA
GC-3' 
sequence-based 
reagent 
CAMSAP1 
sgRNA #1* 
this paper   5'-
GCCGCGTCGTAGCGGTCC
AG-3' 
sequence-based 
reagent 
CAMSAP1 
sgRNA #2 
this paper   5'-
CCGACAGTCTGTATAATA
TT-3' 
sequence-based 
reagent 
CAMSAP1 
sgRNA #3 
this paper   5'CCGAATATTATACAGACT
GT-3' 
sequence-based 
reagent 
KANSL1 
sgRNA #1 
this paper   5'-
GAGCCAGTTTGAACCGGA
TA-3' 
sequence-based 
reagent 
KANSL1 
sgRNA #2 
this paper   5'-
ACACCATATCCGGTTCAAA
C-3' 
sequence-based 
reagent 
KANSL1 
sgRNA #3* 
this paper   5'-
GAGCCCGTTTTCCCCCAT
TG-3' 
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Hyclone Labs, Logan, UT) was used. Cell lines were not STR-profiled for authentication. PtK2 
cells tested negative for mycoplasma; RPE1 and HeLa cells were not tested. All cells were 
maintained at 37°C and 5% CO2. Cells were transfected with DNA using ViaFect (E4981; 
Promega, Madison, WI) 48 h (RPE1/HeLa) or 72 h (PtK2) before imaging. 
 
Inducible CRISPR-Cas9 knockout cells. sgRNAs were designed against 5’ exons of 
NuMA, CAMSAP1, and KANSL1 using http://crispr.mit.edu. sgRNAs are listed in Key 
Resource Table. The plasmid used to express sgRNAs under control of the hU6 promoter 
(pLenti-sgRNA) was a gift from T. Wang, D. Sabatini, and E. Lander (Whitehead/Broad/MIT). 
An RPE1 cell line containing doxycycline-inducible human codon-optimized spCas9 was a gift 
from I. Cheeseman (Whitehead/MIT) and was generated as described in McKinley et al.121 
using a derivative of the transposon described in Wang et al.139. We infected this inducible-
spCas9 RPE1 cell line with each pLenti-sgRNA as described in Wang et al.122 using virus 
expressed in HEK293T cells and 10 µg/mL polybrene and selected with 6 µg/mL puromycin. 
For each targeted gene, we tested 3 independent sgRNA sequences, each of which generated 
indistinguishable spindle phenotypes (data not shown), and picked one line for subsequent 
studies. 4 days before each experiment, spCas9 expression was induced with 1 μM doxycycline 
hyclate. 
 
Live imaging and laser ablation. For live imaging, cells were plated on glass-bottom 35mm 
dishes coated with poly-D-lysine (MatTek Corporation, Ashland, MA) and imaged in a stage-top 
humidified incubation chamber (Tokai Hit, Fujinomiya-shi, Japan) maintained at 30°C and 5% 
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CO2. To visualize tubulin, 100 nM siR-Tubulin dye (Cytoskeleton, Inc., Denver, CO) was 
added 2 h prior to imaging, along with 10 µM verapamil (Cytoskeleton, Inc.). Under these 
conditions, there was no detected defect in spindle appearance or microtubule dynamics. As 
described elsewhere116, cells were imaged using a spinning disk confocal inverted microscope 
(Eclipse Ti-E; Nikon Instruments, Melville, NY) with a 100X 1.45 Ph3 oil objective through a 
1.5X lens, operated by MetaMorph (7.7.8.0; Molecular Devices, Sunnyvale, CA). Laser ablation 
(30 3-ns pulses at 20Hz) with 551 nm light was performed using the galvo-controlled MicroPoint 
Laser System (Andor, Belfast, UK). For laser ablation experiments, images were acquired more 
slowly prior to ablation and more rapidly after ablation (typically 7 s prior and 3.5 s after 
ablation). 
 
Immunofluorescence and antibodies. For immunofluorescence, cells were plated on #1.5 
25 mm coverslips coated with 1 mg/mL poly-L-lysine. Cells were fixed with 95% methanol + 5 
mM EGTA at -20°C for 3 min, washed with TBS-T (0.1% Triton-X-100 in TBS), and blocked 
with 2% BSA in TBS-T for 1 h. Primary and secondary antibodies were diluted in TBS-T + 2% 
BSA and incubated with cells overnight at 4°C (primary) or for 20 min at room temperature 
(secondary). DNA was labeled with Hoescht 33342 (Sigma, St. Louis, MO) before cells were 
mounted in ProLongGold Antifade (P36934; Thermo Fisher). Cells were imaged using the 
spinning disk confocal microscope described above. Antibodies: mouse anti-α-tubulin DM1α 
(T6199; Sigma), rabbit anti-α-tubulin (ab18251; Abcam, Cambridge, UK), rabbit anti-NuMA 
(NB500-174; Novus Biologicals, Littleton, CO), mouse anti-p150-Glued (610473; BD 
Biosciences, San Jose, CA), mouse anti-α-tubulin DM1α conjugated to Alexa488 (8058S; Cell 
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Signaling, Danvers, MA), mouse anti-dynein intermediate chain (MAB1618MI; Millipore, 
Billerica, MA), rabbit anti-EB1 (sc-15347; Santa Cruz Biotechnology, Dallas, TX), rabbit anti-
KANSL1 (PAB20355; Abnova, Taipei City, Taiwan), rabbit anti-CAMSAP1 (NBP1-26645; 
Novus Biologicals), mouse anti-actin (MAB1501; Millipore), rabbit anti-g-tubulin (T3559; 
Sigma), and camel nanobody against GFP coupled to Atto488 (gba-488; ChromoTek, 
Hauppauge, NY). 
 
STORM. PtK2 cells expressing GFP-a-tubulin (gift of A. Khodjakov, Wadsworth Center) were 
plated on photo-etched, gridded coverslips (G490; ProSciTech, Kirwan, Australia) coated with 1 
mg/mL poly-L-lysine (P-1524; Sigma) and imaged at 29-30°C in a homemade heated aluminum 
coverslip holder using the confocal microscope and ablation system described above. 20-30 s 
after k-fiber ablation, imaging media was replaced with fixative (as above) chilled to -80°C, and 
the coverslip holder was placed on ice for 1 min. Cells were incubated with 3% BSA in PBS for 1 
hr at RT, and then with primary antibodies overnight at 4°C. Secondary antibodies ((anti-mouse 
Cy3B; Jackson Immunoresearch, West Grove, PA); anti-rabbit AF647 (Life Tech, Carlsbad,CA)) 
were incubated for 30 min at RT. Antibody incubations were followed by 4 washes with 0.2% 
BSA in PBS. Samples were stored in PBS during confocal imaging, and coverslip grid was used 
to re-find the individual ablated cell. For 3D STORM imaging, samples were mounted on glass 
slides with a standard STORM imaging buffer consisting of 5% (w/v) glucose, 100 mM 
cysteamine, 0.8 mg/mL glucose oxidase, and 40 µg/mL catalase in 1M Tris-HCI (pH 7.5)124,125. 
Coverslips were sealed using Cytoseal 60. STORM imaging was performed on a homebuilt setup 
based on a modified Nikon Eclipse Ti-E inverted fluorescence microscope using a Nikon CFI 
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Plan Apo λ 100x oil immersion objective (NA 1.45). Dye molecules were photoswitched to the 
dark state and imaged using either 647- or 560-nm lasers (MPB Communications, Montreal, 
CAN); these lasers were passed through an acousto-optic tunable filter and introduced through 
an optical fiber into the back focal plane of the microscope and onto the sample at intensities of 
~2 kW cm-2. A translation stage was used to shift the laser beams towards the edge of the 
objective so that light reached the sample at incident angles slightly smaller than the critical angle 
of the glass-water interface. A 405-nm laser was used concurrently with either the 647- or 560-
nm lasers to reactivate fluorophores into the emitting state. The power of the 405-nm laser 
(typical range 0–1 W cm-2) was adjusted during image acquisition so that at any given instant, 
only a small, optically resolvable fraction of the fluorophores in the sample were in the emitting 
state. Emission was recorded with an Andor iXon Ultra 897 EM-CCD camera at a framerate of 
220 Hz, for a total of ~120,000 frames per image. For 3D STORM imaging, a cylindrical lens of 
focal length 1 m was inserted into the imaging path so that images of single molecules were 
elongated in opposite directions for molecules on the proximal and distal sides of the focal 
plane124. Two-color imaging was performed via sequential imaging of targets labelled by AF647 
and Cy3B. The raw STORM data was analyzed according to previously described 
methods124,125.  
 
Drug treatment and microtubule re-growth. To inhibit g-tubulin, 30 µM gatastatin (gift 
of Takeo Usui and Ichiro Hayakawa, University of Tsukuba and Okayama University, 
respectively)123 was added 25 - 60 min before imaging (Figure 5A-C, Figure S4A). To test 
microtubule re-growth in the presence of gatastatin (Figure S4B), all cells were treated with 10 
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µM STLC for 6 h to create monopolar spindles. For cold treatment, cells were then placed on 
ice; after 1 h, 30 µM gatastatin or equivalent (0.1%) DMSO was added. After 10 more minutes 
on ice, cells were moved to room temperature for 1 min before fixation. Control cells (no ice) 
were incubated in media containing 30 µM gatastatin or DMSO for 11 min at room 
temperature before fixation. For all microtubule re-growth experiments after nocodazole 
washout, cells were treated with 5 µM nocodazole (M1404; Sigma) for 15 min at 37°C. After 3 
washes, cells were incubated at room temperature for 6-8 min before fixation and 
immunofluorescence. 
 
Plasmids. 2xGFP-Arp1A was made by inserting EGFP from pEGFP-N1 (Clontech, Takara 
Bio USA, Mountain View, CA) by Gibson assembly between GFP and Arp1A of GFP-Arp1A 
(human Arp1A in a pBABE variant, Addgene 4432; gift from I. Cheeseman, Whitehead 
Institute)109. 2x-GFP-Arp1A localized correctly to kinetochores and poles, and spindle 
organization was unperturbed. To make Cas9-resistant GFP-NuMA (‘GFP-NuMA_resistant’), 
full-length human NuMA (NM_006185.3) with silent mutations (5’-
GTGTCAGAGAGACTGGACTTT-3’ mutated to 5’-GTTAGTGAACGCTTGGATTTT-3’, 
preserving amino acids 57-62 of NP_006176.2 (‘VSERLD’)) was synthesized and cloned (Epoch 
Life Science, Missouri City, TX) into pEGFP-N1 at BglII and EcoRI sites. Subsequent 
truncations of NuMA (‘N-C’, ‘C’, ‘C-tail1’, ‘C-tail2’, ‘C-tail2A’, ‘C-tail2B’) were synthesized and 
cloned (Epoch Life Science) into ‘GFP-NuMA_resistant’ at BglII and HindIII sites. To make 
GFP-N-Tau, NuMA amino acids 1-1410 from ‘GFP-NuMA_resistant’ followed by a flexible 
linker and MAPTau (NM_01684.1) from pmEmerald-MAPTau-C-10 (gift from M. Davidson, 
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Florida State University) were synthesized and cloned (Epoch Life Science) into ‘GFP-
NuMA_resistant’ at HindIII and SalI sites. Other plasmids used: DsRed-p150217-548 (CC1; amino 
acids 217-548 of chicken p150 in pDsRed-N1, Clontech, gift from T. Schroer, Johns Hopkins 
University)90; mCherry-p50 (chicken p50 in mCherry-C1, Clontech, gift from M. Moffert and T. 
Schroer, Johns Hopkins University)140; GFP-NuMA (human NuMA in pEGFP-N1, Clontech, 
gift from D. Compton, Dartmouth Medical School)108; GFP-CAMSAP1 (human CAMSAP1 in 
pEGFP-C1, Clontech, gift from A. Akhmanova, Utrecht University)60. 
 
Data Analysis. To determine the percentage of p150 at plus-ends vs. minus-ends (Figure 1B, 
Figure 4D), we used single microtubules where both ends were clearly visible. We found that EB1 
consistently labeled just one end, the plus-end. We determined p150 localization relative to the 
EB1-labeled plus-end and calculated the percentage of p150 at each location within each cell. 
Percentages for multiple cells were averaged for Figure 1B and 4D. Pre-NEB cells were 
distinguished from post-NEB cells by the exclusion of microtubules from the nucleus, circle-
shaped chromosome packing in the nucleus, and, when possible, NuMA localization within the 
nucleus.  
Kymographs of GFP-Arp1A, GFP-NuMA, and GFP-CAMSAP1 puncta and pole 
position over time (Figure 1C-E, Figure 2C, Figure 6D) were generated in ImageJ (Version 
2.0.0/1.51h). To measure GFP intensity at ablation-created minus-ends over time (Figure 1F, 
Figure 2D, Figure S2E, Figure 5B), we used a home-written Matlab (R2012a Version 7.4) 
program to integrate GFP intensity within a 1.4 µm-diameter circle centered on the manually-
tracked k-fiber minus-end, and to measure local background intensity within a surrounding 2.7 
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µm-diameter ‘donut’. Code is available at https://github.com/chueschen/IntensityAtMinusEnd. 
After background subtraction, the intensity measured at the cut site during the three frames 
before ablation (k-fiber intensity) was averaged and set to zero. For NuMA and Arp1A, we then 
fit a sigmoid function (! = #$%&'()'*),  , where y = intensity and x = time) to each trace, normalized 
to plateau height (a = 1), and solved for the time b at which y = 0.5*a to determine time to half-
maximum intensity (Figure 1G, Figure 2E, Figure S2F, Figure 5C). For CAMSAP1, we 
normalized each trace to peak height (mean intensity from t = 5 s to t = 20 s) and found the first 
point at which intensity passed 0.5 to determine time to half-maximum intensity. Finally, to 
generate mean intensity traces, data from all traces were collected into 5 s wide bins in time and 
their intensities were averaged. Stub length (distance between k-fiber plus- and minus-ends, 
Figure 1H) was measured in ImageJ at the first frame following ablation.  
Minus-end position data (Figure 3C) were generated by manual tracking of ablation-
created k-fiber minus-ends (marked by GFP-CAMSAP1) and spindle poles in time-lapse videos, 
using a second home-written Matlab program (Elting and Hueschen et al., 2014). Nearest 
neighbor distances between NuMA puncta in STORM imaging (Figure 5H) were measured as 
the center-to-center distance from each NuMA puncta to its nearest neighboring puncta. NuMA 
truncation rescue capability (Figure 6C) reports the percentage of bipolar spindles with two 
focused poles compared to disorganized spindle architecture characteristic of NuMA knockout 
(detached centrosomes, loss of k-fiber focusing into two poles). Percentage was calculated for each 
experiment (n = 3-5 experiments) and then averaged. 
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Statistics. All data are expressed as average ± standard error of the mean (SEM). Calculations 
of correlation coefficients (Pearson’s r) and p-values were performed in Matlab. One-way 
ANOVA and Tukey post hoc tests (Figure 1G, 5C, 6C) were performed in Microsoft Excel and 
Matlab. All other p-values were calculated using two-tailed unpaired t-tests with GraphPad 
Software. Quoted n’s are described in more detail in Figure Legends, but in general refer to 
individual biological structures analyzed (biological replicates, e.g., individual spindle lengths, 
individual k-fiber ablations, etc.). 
 
Image presentation. Time-lapse images (Figure 1C-E, 2C, 3A, 4A, 5D, 6D) show a single 
spinning disk confocal slice, as do immunofluorescence images of microtubule re-growth after 
nocodazole or cold treatment (Figure 1A-B, 4D, Figure S4B) and post-ablation confocal 
immunofluorescence images (Figure 5E, Figure S2A-B). 3D STORM images (Figure 5F-G) show 
a single 600 nm slice in Z. Immunofluorescence images of spindles (Figure 2F, 4B, 4C, 5A, 6B, 
6E and Figure S1, Figure S2D, Figure S5B) show max intensity projections (1 – 2 µm in Z) of 
spinning disk confocal Z-stacks. 
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Chapter 4: Spindle turbulence and mitotic cell 
motility in the absence of microtubule end-
clustering  
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Summary 
Each time a cell divides, the microtubule cytoskeleton self-organizes into the metaphase 
spindle: an ellipsoidal steady-state structure that holds its stereotyped geometry despite 
microtubule turnover and internal stresses18,44,64-67. Regulation of microtubule dynamics, motor 
proteins, microtubule crosslinking, and chromatid cohesion can modulate spindle size and shape, 
and yet modulated spindles reach and hold a new steady-state17,19,68-70. Here, we ask what 
maintains any spindle steady-state geometry. We report that clustering of microtubule ends by 
dynein and NuMA is essential for mammalian spindles to hold a steady-state shape. After dynein 
or NuMA deletion, the mitotic microtubule network is ‘turbulent’; microtubule bundles extend 
and bend against the cell cortex, constantly remodeling network shape. We find that spindle 
turbulence is driven by the homotetrameric kinesin-5 Eg5, and that acute Eg5 inhibition in 
turbulent spindles recovers spindle geometry and stability. Inspired by in vitro work on active 
turbulent gels of microtubules and kinesin71,72, we explore the kinematics of this in vivo turbulent 
network. We find that turbulent spindles display decreased nematic order and that motile asters 
distort the nematic director field. Finally, we see that turbulent spindles can drive both flow of 
cytoplasmic organelles and whole-cell movement – analogous to the autonomous motility 
displayed by droplet-encapsulated turbulent gels71. Thus, end-clustering by dynein and NuMA is 
required for mammalian spindles to reach a steady-state geometry, and in their absence Eg5 
powers a turbulent microtubule network inside mitotic cells.  
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Results and discussion 
End-clustering by dynein and NuMA is required for a steady-state spindle geometry. 
Microtubule end-clustering by motors generates contractile stresses that compact 
isotropic microtubule networks to a defined geometry in vitro and in silico31,52,73,74,141-143. In 
mammalian cells, the dynein-dynactin-NuMA complex robustly clusters microtubule ends at 
mitosis (Figure 1A)116,117; NuMA is released from the nucleus upon mitotic entry and localizes to 
minus-ends, recruiting dynein activity there144. Thus, we hypothesized that in addition to its role 
in shaping focused spindle poles32,34,35,42, the dynein-dynactin-NuMA complex compacts the 
spindle microtubule network to a defined steady-state geometry, which holds its shape over time. 
To test this hypothesis, we deleted dynein or NuMA using an inducible CRISPR-Cas9 system in 
human RPE1 cell lines (Figures S1A, S1B). Strikingly, in mitotic cells in which dynein or NuMA 
was deleted, spindles failed to reach a steady-state geometry (Figures 1B, 1C). Instead, the 
microtubule network was dynamic and disordered; asters and microtubule bundles extended in 
unpredictable directions before bending against the cell cortex (Figure S1C). Centriole pairs were 
frequently split, and spindles contained an average of ~5 microtubule asters (Figures S1D-F). 
Cells remained in mitosis for hours, unable to enter anaphase, without reaching any spindle 
steady-state shape. Knockout spindles were larger in size than control spindles and explored a 
broad space of shape configurations (Figures 1C, 1D, S1G-J), indicating that dynein and NuMA 
are both required for the spindle to reach a steady-state geometry. That dynein is essential 
reveals a requirement for active force generation, and that NuMA is essential reveals a 
requirement for minus-end-localized force144; we conclude therefore that minus-end-clustering is 
key to holding spindle shape at a deterministic steady-state. 
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The irregular, disordered spindle motion and dynamic changes in spindle organization 
observed after dynein or NuMA knockout are reminiscent of turbulent active nematic materials 
71,145. Henceforth, we use the term ‘turbulent’ to refer to these unstable, constantly-remodeling 
dynein or NuMA knockout spindles. To estimate the timescale of turbulent spindle remodeling, 
we sought to quantify shape change as a function of time. As a simple metric of spindle geometry 
similarity, we calculated a correlation coefficient between two binary images of the same 
segmented spindle (at times t1 and t2), capturing the degree of shape overlap. In the absence of 
end-clustering, this spindle shape correlation decayed exponentially as the time interval (lag time) 
between t1 and t2 increased, with a decay lifetime of ~5-7 min (Figures 1E, S1K). This timescale 
of network remodeling, or ‘spindle shape memory’, is shorter than the spindle lifetime required to 
accomplish chromosome segregation (20-30 min in RPE1 cells146,147). By contrast, in control 
spindles, spindle geometry remained correlated over longer times (Figure 1E). End-clustering 
appeared to act as a homeostatic “restoring force” that pushed spindles back to a steady-state 
shape. Thus, clustering of microtubule ends by dynein and NuMA compacts the spindle 
microtubule network and suppresses network turbulence, maintaining a steady-state spindle 
geometry over long timescales. 
 
In the absence of dynein or NuMA, Eg5 drives spindle expansion and turbulent microtubule motion. 
We next sought to determine what active mechanism drove the spindle turbulence 
observed in the absence of dynein or NuMA. The bipolar homotetrameric kinesin-5 Eg5 can 
slide overlapping antiparallel microtubules apart (Figure 2A)148-151 but does not resist large-scale 
contraction of an isotropic microtubule network in meiotic extract74, indicating that Eg5 sliding 
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events may not translate into long-range expansion in an isotropic network. Given the local 
microtubule alignment present in spindles, however, we wondered whether Eg5 could drive 
network expansion in this context.  
Indeed, Eg5 inhibition using 5 µM S-trityl-l-cysteine (STLC)152 decreased spindle 
turbulence as well as bundle and aster extensions upon acute addition to dynein and NuMA 
knockout cells (Figure 2B). Spindle size in knockout cells decreased strikingly after Eg5 inhibition, 
and within 10-20 min spindles remodeled to a size and geometry more similar to a wild-type 
metaphase steady-state (Figures 2B, 2C). To quantify spindle dynamics after Eg5 inhibition, we 
calculated spindle shape correlation (spindle shape overlap) as a function of the time interval 
between images, as in Figure 1E. After Eg5 inhibition, dynein and NuMA knockout spindles 
remained more correlated over time and more similar to control spindles (Figure 2D). Thus, the 
data indicate that Eg5 drives turbulent kinematics and expansion of the mitotic microtubule 
network in the absence of microtubule end-clustering (and network compaction) by dynein and 
NuMA. Interestingly, the network turbulence we observe displays similarities to turbulence 
observed in active matter systems consisting of purified microtubules and driven by artificially 
multimerized kinesin-171,72,153. We note with excitement that the naturally-homotetrameric 
kinesin Eg5 can drive analogous dynamics in vivo. 
 
Turbulent spindles display topological defects and decreased nematic order. 
Next, we sought to investigate the local and global organization and the kinematics of a 
turbulent, kinesin-driven microtubule network. To enable whole-network imaging and to simplify 
networks to roughly two dimensions, we physically confined control and NuMA knockout mitotic 
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cells in PDMS devices154. Turbulent spindles remained highly dynamic and disordered (Figure 
3A), and we observed multiple small, motile asters (Figure 1A; Figure 3A) that frequently repelled 
each other. The repulsion of overlapping asters, which are polar arrays with minus-ends 
anchored at their cores (Figure S1D), is consistent with Eg5-powered extension of antiparallel 
microtubule overlaps within a disordered network. Again, these Eg5-driven dynamics were 
reminiscent of turbulent, extensile in vitro active matter systems, which contain microtubules 
bundled by a depletion agent and are driven by artificially multimerized kinesin-171. An active 
liquid crystal framework has provided quantitative insight into those in vitro experiments, which 
have been described as active nematic systems: ‘active’ because motors convert ATP into motion, 
and ‘nematic’ because their constituent particles, microtubules, are aligned. In those systems, 
continual active extension of microtubule bundles by kinesin leads to larger scale turbulence, loss 
of microtubule alignment (nematic order), and motile topological defects71,72.  
To explore whether the active nematic framework and associated kinematic descriptions 
might apply in our in vivo setting, we extracted the nematic director field (a map of microtubule 
orientations) from fluorescence images (Figures 3B, S2A-C). While control spindles show two 
topological defects in the director field (at spindle poles), turbulent spindles contain defects 
throughout the whole network (Figure 3B). In turbulent spindles, aster ‘defects’ moved along 
unpredictable trajectories (Figure S2D), and their movement distorted and reordered the director 
field (Figure 3B zoom). At a local scale (< 2 µm), control and turbulent spindles showed similarly 
high nematic order (Figures 3C, 3D, S2E, S2F). Since functional chromosome segregation 
involves microtubule alignment at the whole-network scale, we also calculated a global nematic 
order parameter for each spindle (Figure 3E). Turbulent spindles displayed decreased nematic 
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order at this whole-network scale; the mean global nematic order parameter was half that of 
control spindles, in which most microtubules are within 25º of one dominant orientation (Figures 
3E, 3F, S2E, S2F). Factors promoting microtubule alignment, like microtubule crosslinking 
proteins, may maintain local order but require end-clustering by dynein and NuMA to create 
global alignment of locally ordered domains. Notably, while turbulent spindles are not at a 
deterministic steady-state – the orientation of microtubules in any given region of the spindle is 
not fixed in time – the degree of nematic order in both control and turbulent spindles fluctuated 
around a statistical steady-state (Figures 3D, 3E). Finally, we found that microtubule orientation 
was less correlated over space (Figures S2G, S2H) and time (Figure 3G) in turbulent spindles. In 
other words, NuMA knockout spindles showed unstable patterns of microtubule organization 
(Figure 3G), supporting the hypothesis that end-clustering is required for the spindle to hold a 
steady-state geometry. In summary, NuMA knockout spindles contain motile asters and display 
decreased global nematic order and temporally unstable nematic patterns, consistent with the 
idea that they are a turbulent material “stirred up” by active kinesin-generated stresses.  
In the absence of microtubule network alignment and compaction by microtubule end-
clustering, spindle turbulence may arise from (a) the motility of a multiple g-tubulin-containing 
microtubule asters (Figures 3, S1D-F), which distort global nematic organization and nucleate 
microtubules in unregulated positions and orientations, and (b) microtubule bending and 
buckling against the cell cortex during unchecked Eg5 bundle extension events (Figures 1-2; 
Figure S1C). Consistent with a key contribution from the latter, dynamic spindle shape changes 
have not been reported after dynein inhibition in acentrosomal spindles in Xenopus laevis extract, 
which lack the physical boundary of a cell cortex and membrane34. 
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Turbulent spindles can drive cytoplasmic flow and reorganize cytoplasmic organelles. 
Thus far, the data indicate that end-clustering by dynein and NuMA masks a disordered, 
unstable ‘turbulent’ microtubule network. In the absence of end-clustering, spindles show altered 
network kinematics (e.g., dynamic geometry (Figures 1B-D) and dynamic distortions in nematic 
alignment (Figures 3B, 3G) driven by the kinesin Eg5 (Figure 2)). Interestingly, we also noticed 
that turbulent dynein or NuMA knockout spindles reorganized cytoplasmic organelles, confining 
mitochondria (Figure 4A) and lysosomes (data not shown) to the periphery of the cell. In 
addition, we observed unusual flows of cytoplasmic organelles in mitotic knockout cells, but not 
in control cells (Figure 4B). These were especially clear in rare instances when dynein or NuMA 
knockout spindles underwent coherent whole-network rotations (Figure 4B), which resemble 
spontaneous rotations reported for dynein-inhibited meiotic microtubule networks encapsulated 
in droplets155. Indeed, particle image velocimetry (PIV) analysis during rotational flows revealed 
spatially coordinated microtubule flows and organelle flows (Figure 4B), suggesting that dynamic 
knockout spindles can drive cytoplasmic flows. In other words, the data indicate that contractile 
end-clustering by dynein and NuMA maintains a compact steady-state spindle geometry that is 
mechanically isolated from the rest of the cell. In the absence of end-clustering, extra-spindle 
cytoplasm and organelles are no longer isolated from spindle kinematics and forces, allowing 
turbulent spindles to displace organelles and generate cytoplasmic flows. 
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Turbulent spindles can change extracellular mechanics, increasing cell motility at mitosis. 
To our surprise, we noticed that in addition to increased cytoplasmic (intracellular) 
dynamics, mitotic cells containing turbulent spindles appeared to display increased cell motility, 
sometimes moving long distances (tens of microns) when plated on coverslips at low density. To 
carefully compare the motility of cells containing turbulent spindles to cells containing steady-
state, mechanically isolated spindles, we synchronized cells at the G2/M checkpoint and imaged 
cells at comparable densities from one hour until three hours after release into mitosis.  
Indeed, cells containing turbulent spindles (NuMA knockout) showed longer, directional 
displacements than cells containing steady-state spindles (control cells held at metaphase with 
MG132) (Figure 4C). When Eg5 was inhibited with 5 µM STLC prior to imaging to reduce 
spindle turbulence, cell displacement was reduced, indicating that turbulent spindle dynamics – 
not loss of NuMA function directly – affects cell motility (Figure 4C). In particular, a 
subpopulation of cells containing turbulent spindles displayed highly directional motion (Figure 
4D) compared to control cells or NuMA knockout cells treated with STLC. Importantly, the cells 
that underwent the largest directional displacements were those containing the most turbulent 
spindles: variance in cell displacement correlated with variance in orientation of the major 
spindle axis, a simple indicator of unstable microtubule organization (Figure 4E). We conclude 
that at mitosis, a steady-state spindle shape isolates cell position from spindle forces. In the 
absence of spindle mechanical isolation, intracellular dynamics driven by turbulent spindles can 
affect whole-cell mechanics and cell motility. Of note, flows of the actomyosin cell cortex are 
thought to reposition cells during early embryonic development in animals156,157. It is possible 
that intracellular flows of microtubules can similarly be coupled through friction to the cell cortex 
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and membrane to drive mitotic cell rolling, or that they increase the rate of cell-substrate 
adhesion breakage. We speculate that the establishment of a defined spindle shape and the 
suppression of network turbulence may be important not only for segregating chromosomes, but 
also for preventing physical interference with other cell functions. 
 In summary, we report that clustering of microtubule minus-ends by dynein and NuMA 
is required for the mammalian spindle to reach and hold a steady-state geometry. End-clustering 
may limit spindle size and geometry by generating contractile stresses that compact the 
microtubule network, as observed for isotropic microtubule networks in vitro and in 
silico31,52,73,74,141-143. In the absence of end-clustering, the homotetrameric kinesin Eg5 can expand 
the mitotic microtubule network and drive it into a turbulent state of decreased nematic order, 
which resembles turbulent active nematic gels comprised of purified microtubule bundles and 
kinesin71. Interestingly, when those turbulent gels were encapsulated in emulsion droplets, 
droplets exhibited persistent autonomous motility71. Here, we find that turbulent spindles can 
drive cytoplasmic flows and persistent cell movement – an in vivo example of this physical 
mechanism.     
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Figure and figure legends 
 
 
Figure 1. End-clustering by dynein and NuMA is required for a steady-state 
spindle geometry.  
See also Figure S1.  
 
(A) Schematic of microtubule minus-end-clustering by the dynein-dynactin-NuMA complex. 
End-clustering can generate contractile stresses (large arrows) that compact microtubule 
networks52,73,74,142.  
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(B) Time-lapse live images of spindles in RPE1 cells stably expressing GFP-tubulin. Time is in 
min:sec. Right panel shows spindle network outlines, with cell position always aligned to box 
center. Colors correspond to times indicated by bars above time-lapse. Control spindles (held at 
metaphase with 5 µM MG132) maintain a steady-state geometry, while spindles in which NuMA 
or dynein has been knocked out (KO) constantly remodel their shapes.  
 
(C) Representative examples of spindle long- and short-axis dimensions (see Methods) over time 
(n=5-6 example cells for each condition).  
 
(D) Quantification of spindle shape by elliptical Fourier analysis (see Methods). Control spindles 
show a consistent and restricted shape profile, while KO spindle shape profiles are complex and 
heterogeneous. m=130 video frames, n=10 cells each condition.  
 
(E) Mean and SEM (gray shading) of spindle shape correlation coefficient (see Methods) 
comparing two frames from binary, segmented videos of spindles, as a function of the time 
interval between those frames (lag time). For turbulent (dynein and NuMA KO) spindles, 
correlation decays exponentially with a mean lifetime of ~5-7 min (see Figure S1K). n=10 cells 
each condition.  
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Figure 2. Eg5 drives spindle expansion and turbulence.  
 
(A) Schematic of outward microtubule sliding by the homotetrameric kinesin Eg5.  
 
(B) Time-lapse live images of spindles in RPE1 cells stably expressing GFP-tubulin. Time is in 
min:sec. Right panel shows spindle network outlines, with cell position always aligned to box 
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center. Time 00:00 indicates first frame after addition of 5 µM STLC to inhibit Eg5. Colors 
correspond to times indicated by bars above time-lapse.  
 
(C) Area of spindle microtubule network, relative to the mean area before STLC addition (see 
Methods). n=14,17,19 cells for control, NuMA knockout, and dynein knockout, respectively.  
 
(D) Mean and SEM (shading) of correlation coefficient comparing two frames from videos of 
segmented spindles, as a function of the time interval between those frames. Lines with colored 
shading show correlations from cells treated with STLC; videos used for analysis began 24 min 
after STLC addition. As a reference, the dashed lines with gray shading show correlations 
without STLC from Figure 1D. 
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Figure 3. Turbulent spindles have decreased nematic order.  
See also Figure S2.  
 
(A) Time-lapse live images of spindles in RPE1 cells confined in PDMS devices to allow imaging 
of the entire microtubule network. Time is in min:sec. Circles highlight example asters, which are 
fixed in place in control spindles but move and repel each other in turbulent networks.  
 
(B) Example images of nematic director fields for control and NuMA knockout spindles. Right, 
example of aster repulsion and motility, which dynamically distorts the director field.  
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(C) Schematic illustration of methods used to quantify the local and global microtubule order. 
The nematic order parameter, s, captures the degree of microtubule alignment. Distributions of 
director angles show microtubule orientation relative to the dominant spindle orientation (see 
Figure S2 and Methods).  
 
(D) Time-dependence of the mean local nematic order parameter (evaluated over 2x2 µm 
regions).  
 
(E) Time-dependence of the mean global nematic order parameter (evaluated at the scale of the 
whole spindle).  
 
(F) Distribution of director angles relative to the dominant spindle orientation. Dashed lines 
illustrate a fully isotropic distribution.  
 
(G) Temporal nematic correlation of microtubule orientation < cos 2(qt2 - qt1) > (where qt1 is the 
angle of a given director at time t1) as a function of lag time, t2-t1.  
 
(D)-(G) report on m > 200 video frames from n=6 cells each condition. Mean traces are shown; 
shading indicates SEM. 
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Figure 4. A turbulent microtubule network can drive cytoplasmic flow and cell 
motility at mitosis.  
 
(A) Representative images of spindles and mitochondria in live cells, labeled by GFP-tubulin and 
MitoTracker.  
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(B) Example PIV analysis of the movement of microtubules and mitochondria in cells with 
control and turbulent (dynein KO) spindles. Blue-to-yellow color scale shows increasing 
fluorescence intensity and black arrows indicate velocity, both averaged over 110 min.  
 
(C) Tracks of cell position over a 2 h window, starting 1 h after entry into mitosis. Track color 
indicates time.  
 
(D) Mean displacement from starting position. Each data point represents one cell, and black 
bars are mean ± SEM. p-values were calculated using a one-way ANOVA and Tukey post-hoc 
test. n=95 cells for each condition. 
 
(E) Scatter plot showing a correlation between cell motility (represented by the square root of the 
variance of cell displacement) and spindle turbulence (represented by the square root of the 
circular variance158 of the dominant spindle orientation angle). Spearman’s rho=0.2, p=0.01. 
n=95 cells for each condition. 
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Supplemental figures and figure legends 
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Figure S1. Validation and additional analysis of NuMA and dynein knockout. 
 Related to Figure 1.  
 
(A) Representative immunofluorescence images of mitotic cells in which NuMA or dynein heavy 
chain has been knocked out by an inducible CRISPR-Cas9 system. Dynein intermediate chain 
(DIC) depletion has been shown to correlate with dynein heavy chain depletion138.  
 
(B) Quantification of NuMA or DIC intensity in sum projection immunofluorescence images, 
normalized to tubulin intensity. Bars show mean ± SEM; n=20 cells each condition. Whenever 
possible, complete NuMA or dynein loss within individual cells analyzed was verified by 
immunofluorescence or by spindle morphology.  
 
(C) Time-lapse live images of dynein knockout (KO) spindles in human RPE1 cells stably 
expressing GFP-tubulin. These examples highlight two common features of turbulent spindles: 
motile asters and extending microtubule bundles – and bundles of bundles – that bend against 
the cell cortex. Green circle is a fiducial mark showing initial aster position.  
 
(D) Representative immunofluorescence images of NuMA and dynein KO spindles show that 
asters in turbulent spindles do not always contain centrioles (see white arrowhead for example; 
centrioles are labeled with centrin). Asters usually contain g-tubulin (white arrowhead) but not 
always (green arrowhead). In knockout cells, pairs of centrioles sometimes split apart (arrows).  
 
(E-F) Quantification of (E) centriole pair splitting and (F) number of asters of each type in 125 
control spindles, 106 NuMA KO spindles, and 100 dynein KO spindles from 3 independent 
experiments.  
 
(G-J) Elliptical Fourier analysis of spindle shapes. (G) An example contour of a NuMA KO 
spindle. The red curve indicates the positional coordinate - along the contour. (H) The x- and y-
projections of the contour in (G), parametrized with a position variable along the contour (t). 
Transparent curves represent the periodic extensions of the single period with total contour 
length T. (I) Fourier reconstructions of the spindle contour using . = 1 (red) and . = 10 
(yellow) harmonics. (J) Elliptical Fourier mode strength spectrum of the contour in (G).  
 
(K) Exponential decay fits (thick lines) of spindle shape correlation coefficient (r) vs. lag time (thin 
lines are individual cells), from Figure 1E, using 1 = 2	 ∗ 	5 678 	∗	9:;	<=>& + @. For NuMA and 
dynein KO spindles, r decayed exponentially to a value of b =0.68±0.02 (NuMA KO) and b 
=0.69±0.03 (dynein KO). Conceptually, these values represent the lowest shape correlation 
(maximal shape change) achievable by turbulent spindles over any length of time. Correlation 
coefficients near zero are not possible, as they would essentially require the disappearance of the 
spindle. Decay lifetimes (t) were 5.0±0.2 min for NuMA KO and 6.8±0.5 min for dynein KO. a 
= 0.31±0.02 for NuMA KO; a = 0.30±0.03 for dynein KO. n=10 cells each condition. 
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Figure S2. Nematic director field, order parameter, and correlation analyses.  
Related to Figure 3.  
 
(A-C) Nematic director field extraction methodology. (A) NuMA KO spindle (transparent blue 
region) isolated in the fluorescence image based on intensity values. (B) Grid of locations where 
the nematic director is evaluated using the pixel information in the image window centered at 
each grid point (transparent region). (C) Series of steps in director extraction. First, the Gaussian 
blur of the image window is taken. Second, the FFT is calculated (shown is the logarithm of FFT 
magnitudes, brighter pixels correspond to larger magnitudes). Third, principal skew direction of 
the transform, AB, is obtained. Fourth, the local director perpendicular to the FFT skew direction 
is identified.  
 
(D) Tracks of aster position in control and NuMA KO spindles. In example images (top), 20 min 
tracks are overlaid on the first video frame. Below, 12 aster tracks from control spindles and 60 
aster tracks from NuMA KO spindles are aligned to start at (0,0). Track color indicates time.  
 
(E-F) Nematic order parameter calculation. (E) Local domain of directors used to estimate the 
local order parameter at the central position. Dark line segments correspond to local directors 
(A=), and orange line segments correspond to the effective director of the domain (AB) that 
maximizes C(AB). (F) An example fluorescence image of a local region of the NuMA KO spindle 
shown in (A), along with the corresponding local nematic order parameter field. Red and blue 
coloring indicate high to low levels of local alignment.  
 
(G) Two-point spatial nematic correlation of microtubule orientation, < cos 2(qr - q0) > as a 
function of separation distance, as illustrated in (H).  
 
(H) Schematic of spatial nematic correlation calculation. For each pair of directors n0 (at center 
of circle) and nr (along circle of radius r) within the spindle, we calculated cos 2(qr - q0) and 
binned by distance between 0 and r, then averaged over all possible pairs of directors. 
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Materials and methods 
 
EXPERIMENTAL MODEL AND SUBJECT DETAILS 
RPE1 cells (female human retinal epithelial cells) were cultured at 37 °C and 5% CO2 in 
DMEM/F12 (11320; Thermo Fisher) supplemented with penicillin/streptomycin and 10% 
tetracycline-screened FBS (SH30070.03T; Hyclone Labs, Logan, UT). Cells tested negative for 
mycoplasma. To generate inducible CRISPR NuMA knockout cells144, we used a RPE1 cell line 
containing doxycycline-inducible human codon-optimized spCas9 that was a gift from I. 
Cheeseman (Whitehead/MIT) and was generated as described in McKinley et al.121 using a 
derivative of the transposon described in Wang et al.139. We designed sgRNAs against 5’ exons of 
NuMA using http://crispr.mit.edu and cloned them into the pLenti-sgRNA plasmid (gift from 
T. Wang, D. Sabatini, and E. Lander, Whitehead/Broad/MIT) under control of the hU6 
promoter. We infected this inducible-spCas9 RPE1 cell line with each pLenti-sgRNA as 
described in Wang et al.122 using virus expressed in HEK293T cells and 10 µg/mL polybrene 
and selected with 6 µg/mL puromycin. We tested three independent sgRNA sequences, each of 
which generated indistinguishable spindle phenotypes (data not shown), and picked one line for 
subsequent studies. Inducible CRISPR dynein (dynein heavy chain; DHC) knockout cells were a 
generous gift from I. Cheeseman (Whitehead/MIT) and published in McKinley & 
Cheeseman120. Subsequently, to generate cell lines stably expressing GFP-tubulin, inducible 
NuMA and dynein knockout cells were infected with GFP-tubulin lentivirus and selected with 2.5 
µg/mL blasticidin. Virus was made in HEK293T cells from a pLenti6/V5-DEST plasmid 
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(Invitrogen) containing GFP-tubulin (gift of T. Wittmann159). Four days before each experiment, 
spCas9 expression was induced with 1 μM doxycycline hyclate. 
 
METHOD DETAILS 
Live cell imaging 
Cell lines used have CRISPR/spCas9 and sgRNA stably integrated, but spCas9 expression is 
only induced upon doxycycline addition before each experiment, allowing for genetic 
manipulation of essential mitotic genes. For imaging, cells were plated on 35 mm #1.5 coverslip 
glass-bottomed dishes coated with poly-D-lysine (MatTek) and imaged in a stage-top humidified 
incubation chamber (Tokai Hit, Fujinomiya-shi, Japan) maintained at 30 °C and 5% CO2. To 
label mitochondria, 25 nM MitoTracker Red (Sigma) was added to cell media for 30 min and 
washed out before imaging. For some experiments, 100 nM siR-Tubulin dye (Cytoskeleton, Inc.) 
was added 2 h prior to imaging to label microtubules, along with 10 µM verapamil 
(Cytoskeleton, Inc.). Under these conditions, there was no detected defect in spindle appearance 
or microtubule dynamics. As described in Elting and Hueschen et al.116, cells were imaged using 
an Eclipse Ti-E inverted microscope (Nikon Instruments) with a Yokogawa CSU-X1 spinning 
disk confocal operated by MetaMorph (7.7.8.0; Molecular Devices), with either a 100X 1.45 Ph3 
oil objective (Figure 3), a 60X 1.4 Ph3 oil objective (Figures 1-2), or a 20X 0.5 Ph1 air objective 
(Figure 4), and with an Andor iXon3 camera. 
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Immunofluorescence and antibodies 
For immunofluorescence, cells were plated on #1.5 25 mm coverslips coated with 1 mg/mL 
poly-L-lysine. Cells were fixed with 95% methanol + 5 mM EGTA at -20°C for 3 min, washed 
with TBS-T (0.1% Triton-X-100 in Tris-buffered saline), and blocked with 2% BSA in TBS-T 
for 1 h. Primary and secondary antibodies were diluted in TBS-T + 2% BSA and incubated with 
cells overnight at 4°C (primary) or for 20 min at room temperature (secondary). DNA was 
labeled with Hoescht 33342 (Sigma) before cells were mounted in ProLongGold Antifade 
(Thermo Fisher). Cells were imaged using the spinning disk confocal microscope described 
above. Antibodies: mouse anti-α-tubulin DM1α (T6199; Sigma), rabbit anti-α-tubulin (ab18251; 
Abcam, Cambridge, UK), rabbit anti-NuMA (NB500-174; Novus Biologicals), mouse anti-α-
tubulin DM1α conjugated to Alexa488 (8058S; Cell Signaling), mouse anti-dynein intermediate 
chain (MAB1618MI; Millipore), rabbit anti-g-tubulin (T3559; Sigma), and mouse anti-centrin 
(04-1624; Millipore). 
 
Small molecule treatment 
To inhibit Eg5 motor activity, we treated cells with 5 μM S-trityl-L-cysteine (STLC, Sigma). We 
resumed live cell imaging ~1 min after STLC addition. In Figure 2, time 00:00 indicates the first 
image after STLC addition. For experiments in Figures 1-2, control cells were held in metaphase 
for long-term imaging using 10 µM MG132, added 1 h before imaging. Because NuMA and 
dynein knockout cells already do not satisfy the spindle assembly checkpoint and are stuck in 
mitosis, MG132 addition was not necessary (and did not alter spindle morphology when added as 
a control). To synchronize mitotic entry for cell motility tracking (Figure 4), we treated cells 
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overnight with 9 µM RO-3306 (Sigma) to synchronize them at the G2/M checkpoint. RO-3306 
was washed out 50 min before imaging and replaced with standard media (or media + 10 µM 
MG132, for control cells). 
 
Cell confinement  
As in Guild et al.154, cells were confined using a suction cup device adapted from a previous 
design160 using soft-lithography techniques. SU8 was used to photolithographically pattern a 
negative relief of pillar structures (height 5 µm; diameter 200 µm; spacing 700 µm center to 
center). PDMS (Sylgard 184, Sigma) was mixed with curing agent and poured over the region at 
a 10:1 ratio. A 10-mm-diameter coverslip was pressed onto the pattern and baked at 80 °C for 1 
h. The coverslip, with micropillar spacers attached, was attached to a suction cup device. For 
cell-confinement assays, the device was attached to a milliliter syringe, placed on a coverslip with 
adherent cells, and attached using negative pressure. Additional negative pressure was created by 
hand to lower the pillared coverslip onto cells. Approximately 30 min before imaging, 
confinement was applied gradually over a period of 5-10 min. 
 
QUANTIFICATION AND STATISTICAL ANALYSIS 
Quantification of spindle shape 
Spindle long and short axis dimensions were measured using a home-written MATLAB 
(R2016a; The Mathworks, Inc.) program. Images of tubulin fluorescence (max intensity 
projections of a 2 µm z-section) were passed through a median filter (3x3 pixels) and segmented 
using an intensity threshold. Spindle area (Figure 2C) was calculated based on the area (i.e. 
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number of pixels) contained within the segmented region. For Figure 1C, an ellipse was fit to the 
segmented region, and the ellipse major axis length (spindle long axis) and minor axis length 
(spindle short axis) were measured and reported. To obtain spindle outlines, we used the 
perimeter of the segmented spindle region. To align spindle outlines over time and adjust for cell 
movement, we segmented cells (using a low tubulin intensity threshold) and calculated the 
position of their center of mass. We used these coordinates to align colored spindle outlines in 
Figure 1B and 2B.  
 
Elliptical Fourier analysis of spindle shapes 
Dynamic shape remodeling is one of the key features of knockout (KO) spindles that is much less 
pronounced in the wild-type (WT) variants. A quantitative demonstration of these differences is 
not a trivial task since the conventional morphological descriptors (e.g. the aspect ratio, area, etc.) 
do not accurately capture the complex variations in spindle shape. To enable a more informative 
comparison of spindle shapes, we employ the elliptical Fourier analysis method161 which has been 
used extensively in morphological studies of biological shapes162-164. 
 The workflow of the method is shown in Figure S2G-J, which is heavily based on the 
original implementation by Kuhl and Giardina161. First, the closed contour of the spindle (Figure 
S2G) is parametrized with a third “time” variable that stands for the position along the contour. 
This leads into two single-valued and periodic functions for the x-and y-projections (Figure S2H) 
and thereby makes them suitable for a Fourier analysis. The Fourier decompositions of the D(-) 
and !(-) projections are then obtained separately, resulting in 
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DE - = FB + 2G cos 2LM-N + @G sin 2LM-NEGQ$ , 
 
!E - = SB + TG cos 2LM-N + UG sin 2LM-NEGQ$ , 
where FB and  SB are offset constants, {2G, @G, TG, UG} are the Fourier coefficients of the LXY 
harmonic, N is the length of the contour, and . is the total number of harmonics included in the 
Fourier decomposition. Each harmonic represents an ellipse that revolves L times around the first 
elliptic harmonic; hence, the name elliptical Fourier analysis. The reconstruction of the contour 
using its elliptical Fourier components can be obtained by plotting DE(-) and !E(-) back in the 
x-y plane. Figure S2I shows reconstructions where different numbers of harmonics where used. 
The . = 1 case includes only the first elliptic harmonic, which carries information about the 
approximate dimensions and the orientation of the contour. On the other hand, the 
reconstruction with . = 10 harmonics already captures the major variations in the spindle 
shape. 
To quantify the contribution of each harmonic to shape variability, we follow the 
treatment by Diaz et al.162 and introduce a mode strength metric defined as ZG =L 2G[ + @G[ + TG[ + UG[ , where the square root term is proportional to the perimeter of the LXY 
harmonic ellipse which revolves L times around the first harmonic. Prior to calculating the mode 
strength spectrum for a contour, we normalize its size to have the major axis length of the first 
harmonic ellipse to be unity161, so that the comparison of different spindle contours reflects 
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differences in their shapes and not the sizes. As an example, the mode strength spectrum 
corresponding to the contour in Figure S2G is depicted in Figure S2J. We note that since the 
mode spectrum ZG	(L = 1,… ,.) combines the information from individual coefficients {2G, @G, TG, UG}, it is not sufficiency to recover the original shape, but rather serves as a measure 
of shape complexity arising from different elliptical contributions.  
 
Time correlation function of spindle shape 
Using a home-written MATLAB program, spindles and cells were segmented as above. Binary 
images of segmented spindles were registered, allowing for both translation and rotation and 
optimizing image similarity using Mattes mutual information algorithm (MATLAB imregister)165. 
A mask based on cell segmentation was used to remove all pixels outside the cell from the 
subsequent correlation calculation. Then, a correlation coefficient (r) was calculated for pairs of 
registered binary images (image A at time t1 and image B at t2) using MATLAB’s 2D correlation 
coefficient function, corr2:  
 
 
Conceptually, this shape correlation coefficient reports on the degree of spatial overlap between 
spindle shapes. As spindle shapes always overlap to some extent – the spindle never disappears – 
shape correlation generally ranges between ~0.7 – 0.9. To compute shape correlation as a 
function of time (t2 - t1), correlation coefficients were calculated and averaged for all possible pairs 
of video frames separated by a time interval of 4 min, then calculated and averaged for all pairs 
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of frames separated by a time interval of 8 min, and so on. Correlation coefficient (r) vs. time 
interval data (lag time) were fit by the exponential function 1 = 2	 ∗ 	5 678 	∗	9:;	<=>& + @ using 
MATLAB’s curve fitting tool (Figure S1K). 
 
Nematic director field, order parameter, and correlation function 
To obtain the nematic director field using a home-written MATLAB program, the spindle was 
first isolated in the fluorescence microscopy images based on pixel intensity values, as shown in 
Figure S2A. Then, the image was divided into overlapping windows with dimensions of 15 x 15 
px, with the window centers spaced 5 px apart on a grid (Figure S2B). Pixel information in each 
window was used to obtain the local director at the center via an established fast Fourier 
transform (FFT) method166,167, the workflow of which is as follows. First, a Gaussian filter was 
applied on the window to eliminate edge effects. Then, the 2-dimensional FFT was calculated, 
which is skewed in a direction that is perpendicular to the director. The principal skew direction 
was obtained by scanning over multiple lines with 1° resolution and choosing the direction AB 
that maximizes the target function ] AB = =^_| cos A=_ − AB |=_ , where the summation is 
performed over all Fourier components with magnitudes =^_ and polar angles A=_. The rationale 
was to choose AB that was closest to the angles of dominating Fourier components. The local 
director in real space was then identified as the direction perpendicular to the principal skew line 
(Figure S2C). 
To estimate the degree of local alignment of microtubules, we calculated the local 
nematic order parameter at each grid position shown in Figure S2B via Cbcd#b =
136 
 
 
2(< cos[ A= − AB > −0.5), where averaging was performed over the directors in local domain 
defined by a 5 x 5 grid kernel (2 µm x 2 µm), and AB was the angle corresponding to the nematic 
director of the domain that maximized Cbcd#b(AB) (Figure S2E)167. For locally disordered regions, 
we would expect the local nematic order parameter to be close to 0. Conversely, for locally 
aligned microtubules, the order parameter would be close to 1. Nematic order parameter field 
for a sample region of the NuMA KO spindle is shown in Figure S2F. To quantitatively 
demonstrate the difference between the turbulent geometry of extensile spindles and the steady-
state geometry of wild-type spindles, we used the director fields to calculate the global nematic 
order parameter via Cibcj#b = 2(< cos[ A= − AB > −0.5), where the summation was now taken 
over all directors of the spindle, and AB was chosen to maximize Cibcj#b(AB). The same AB was 
used as the dominant orientation (Figure 2C), relative to which distribution of director angles was 
calculated (Figure 2F). 
 Our calculation of the two-point correlation of nematic orientations < cos 2(qr - q0) > as a 
function of separation distance (Figure S2G) is illustrated in Figure S2H. For every possible pair 
of directors n0 and nr within the spindle, we calculated cos 2(qr - q0) and binned by distance 
between 0 and r. Mean values for each bin were further averaged over all frames of a video. For 
a randomly oriented nematic director field, < cos 2(qr - q0) > = 0.  Similarly, the temporal 
nematic correlation of microtubule orientation (Figure 3G) was calculated using < cos 2(qt2 - qt1) 
> (where qt1 is the angle of a given director at time t1 and qt2 is the angle of that same director at 
time t2) as a function of lag time, t2-t1. Correlations were calculated after translational registration 
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of segmented spindle images by maximizing image cross-correlation (MATLAB’s xcorr2 
function). 
 
Tracking aster dynamics 
To obtain the trajectories of asters shown in Figure S2D, we first eliminated the bulk 
translational motion of the spindle caused by cell movement by registering the spindle 
segmentation masks relative to the first frame using a custom MATLAB program. Aster tracking 
was then done by finding the locations of intensity maxima in manually specified local regions 
near each aster at different time points. 
 
Measuring intracellular flows and cell motility 
To measure flows of tubulin and mitochondria during turbulent spindle rotations (Figure 1F), we 
used Particle Image Velocimetry tracking168,169. Sequential PIV window sizes were 12.6, 6.3, and 
4.2 µm. We used TrackMate software170 on FIJI (ImageJ Version 2.0.0-rc-54) to track mitotic cell 
positions (Figure 4) using phase contrast images of cells imaged at 20X, from 1 h to 3 h after 
release into mitosis. Mean displacements and speeds (averaged over the 2 h window) were 
calculated in MATLAB. To correlate the spindle instability and cell displacement for individual 
NuMA knockout cells, we calculated the standard deviation (square root of the variance) of cell 
displacement and the standard deviation of the orientation of the major spindle axis, a simple 
indicator of unstable microtubule organization, for individual cells over the 2 h window. We used 
Spearman’s rank correlation coefficient (Spearman’s rho) in MATLAB to calculate strength of 
association, since we do not assume a linear relationship.    
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Quantification of NuMA and dynein immunofluorescence 
To measure NuMA and dynein intensity in control cells and cells in which NuMA or dynein 
heavy chain had been knocked out (Figure S1A,B), we used sum intensity projections of confocal 
immunofluorescence images, covering 7 µm in the z-dimension. Using a home-written 
MATLAB program, cells were isolated using a low threshold for tubulin fluorescence intensity. 
We measured mean tubulin intensity and mean NuMA or dynein intermediate chain (DIC) 
intensity of sum intensity projections within the isolated cell region. We normalized NuMA or 
DIC intensity measurements for each cell by dividing by tubulin intensity. 
 
Statistical analysis 
Linear fits and R-squared values were calculated in MATLAB. One-way ANOVA and Tukey 
post hoc tests (Figure 4B-D) were performed in Microsoft Excel and MATLAB. Error bars 
throughout are standard error of the mean. Quoted n’s are described in more detail in Figure 
Legends, but in general refer to individual spindles or cells.  
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To segregate chromosomes at cell division, the microtubule cytoskeleton remodels itself 
into the metaphase spindle: an ellipsoidal steady-state structure that holds its stereotyped shape. 
The spindle’s ability to robustly reach and maintain an architectural and structural steady-state is 
both key to its function – accurate chromosome segregation – and key to the beauty and 
fascination it has held for centuries of biologists and physicists14,171. 
In this dissertation, I asked how the spindle holds its shape. In Chapter 4, I showed that 
the molecular motor dynein and the microtubule binding-protein NuMA are essential for 
mammalian spindles to reach and hold a steady-state geometry. In their absence, the kinesin Eg5 
powers a turbulent microtubule network that can drive flow of cytoplasmic organelles and whole-
cell movement. Dynein and NuMA were previously known to be essential for spindle pole 
formation, but we did not know their contribution to shape stabilization at the whole-spindle 
scale – nor did we know how and where they pull on microtubules to build poles. In Chapter 2, I 
showed that dynein pulls specifically on microtubule minus-ends, rapidly transporting them 
towards poles. In Chapter 3, I demonstrated that dynein localization to microtubule minus-ends 
depends on NuMA, which recruits the dynein adaptor dynactin to minus-ends. Contrary to 
previous models, NuMA localization to minus-ends is independent of dynein and involves a C-
terminal region outside its canonical microtubule-binding domain. Thus, NuMA serves as a 
mitosis-specific minus-end cargo adaptor, targeting dynein activity to minus-ends to cluster 
spindle microtubules into poles. This microtubule end-clustering compacts the spindle 
microtubule network to a defined geometry and suppresses network turbulence, maintaining a 
steady-state spindle shape over long timescales. 
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In this document, I have framed my work within the language and vision of basic cell 
biology and cell biophysics, which seek an understanding of the principles that govern the living 
world.  Towards this end, I have used the mammalian mitotic spindle as a system, whose features 
and mechanisms of self-organization provide examples of such principles. 
I would, however, like to add this pragmatic note.  Mechanical failures at the cellular 
level have consequences for human health.  Cellular mechanical processes include the beating of 
cardiomyocytes, the migration of keratinocytes to heal a skin wound, and the focus of this 
dissertation: the physical division of one cell into two daughters.  Cell division is fundamental to 
the development and growth of an organism, and it also occurs millions of times per second in 
the adult human body.  During every one of those divisions, the spindle exerts picoNewton-scale 
forces across microns to coordinate the equal segregation of genetic material into two daughter 
cells.  Segregation errors result in aneuploidy, which is a hallmark of human cancers20, occurs in 
5% of human pregnancies, and is the leading cause of miscarriages, mental retardation, and birth 
defects21,172.  The stakes are high; it is no wonder that the spindle provides an elegant example of 
mechanical robustness and design at the cellular level. The spindle demonstrates how mechanical 
processes can be layered to make biological activities functionally robust, highlighting the role of 
redundancy in cellular mechanobiology in healthy and disease states117,173.  More broadly, 
increased dialogue between physical cell biologists and clinician-scientists could expand a 
categorically undeveloped therapeutic approach: targeting disease-exploited mechanical cellular 
processes rather than chemical pathways. 
Lastly, I note an observation from my modest exploration (Chapter 4) of the interface 
between cell biology, mechanics, and the fast-growing field of active matter, which draws on 
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traditions from soft matter physics and materials science.  To understand biological structures, 
we must integrate our investigation of their chemical organization and their physical 
organization.  In the spindle, for example, biologists have identified hundreds of molecules and 
dozens of signaling pathways, many of which are interacting and redundant.  But to understand 
the integration of this biochemistry and its mechanical outputs – like spindle structure – we need 
physical and mechanical read-outs that capture much more information than elementary shape 
metrics like length, width, and number of poles.  Biologists need the time and resources to 
interface with soft matter physics to develop quantitative descriptors of the spindle as a material.  
New, complex, sensitive metrics are required for a more meaningful and comprehensive 
dissection of what any given protein or biochemical signal contributes to spindle self-
organization. 
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